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Abstract 
Membrane-bound organelles, a defining feature of eukaryotic cells, display a diverse set 

of characteristic shapes that range from highly spherical, to flattened sheets, and even thin 

tubules. Therefore, how the characteristic shape of an organelle is generated, maintained, and 

modified is a fundamental question in eukaryotic cell biology. A powerful model system for 

studying organelle morphology is the endoplasmic reticulum (ER), which consists of a network 

of membrane sheets and tubules that extend throughout a cell. Previous studies have shown that 

the high membrane curvature of the tubules is generated and stabilized by integral membrane 

proteins of the reticulon and Yop1/REEP families and that individual tubules are fused together 

by the dynamin-like GTPases Atlastin (in metazoans) and Sey1p/RHD3 (yeast/plants). Although 

an in vitro assay for ER network formation has been developed using Xenopus egg extracts, the 

minimal set of components needed to form a tubular ER network has not been identified, and 

whether these minimal components allow for the ER dynamics observed in vivo is not known. 

In this thesis, I will focus on the molecular mechanisms responsible for shaping the 

endoplasmic reticulum and offer insight into how these mechanisms give rise to the distinct 

tubular architecture observed for particular subdomains of the endoplasmic reticulum. I 

demonstrate that the minimal set of proteins needed to form the tubular ER network consists 

solely of a curvature-stabilizing protein and a membrane-fusing protein. Co-reconstitution of 

Saccharomyces cerevisiae Sey1p with a number of different curvature-stabilizing proteins of the 

reticulon and Yop1/REEP families yield proteoliposomes that, when incubated with GTP, form 
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tubular networks that are nearly indistinguishable from those observed in the extracts of Xenopus 

laevis eggs. Furthermore, these reconstituted networks have the same dynamic behaviors as ER 

networks in cells, including junction sliding and ring closure. Finally, the integrity of the 

synthetic network is dependent upon the GTPase activity of the membrane-fusing protein, as 

incubation of pre-formed reconstituted networks with GTPγS leads to rapid network 

disassembly. Taken together, these results demonstrate that the tubular ER can be generated by a 

surprisingly small set of proteins and represents an energy-dependent steady state between 

formation and disassembly. 

I also describe my initial steps toward obtaining a structure of a curvature-stabilizing 

protein of the Yop1/REEP family using x-ray crystallography. The lack of an atomic-resolution 

structure of any of these proteins has left their exact mechanism of curvature generation and 

stabilization unknown. Unfortunately, given their small size and lack of hydrophilic surfaces, the 

Yop1/REEP proteins represent a difficult target for structural studies. To this end, I sought to use 

new tools that have been adapted for membrane protein crystallization to attempt to obtain a 

structure of the protein REEP5. These tools included lipidic cubic phase crystallization (LCP) 

techniques, as well as nanobody-aided crystallization. While initial LCP crystallization 

experiments failed to yield any crystals, I successfully isolated a number of nanobodies that bind 

to REEP5 with high affinity using an in vitro yeast display system. These nanobodies will be 

useful in future crystallization as well as in vitro biochemical experiments aimed at 

understanding REEP5 function, and more broadly, at how the reticulon and Yop1/REEP proteins 

generate and stabilize membrane curvature. 
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1 
Introduction to endoplasmic reticulum 

morphology 
 
 

Membrane-bound organelles, a defining feature of eukaryotic cells, display a diverse set 

of characteristic shapes that range from highly spherical, to flattened sheets, and even thin 

tubules. The conservation of these shapes across species suggests a strong link between the 

three-dimensional structure of an organelle and its cellular function. Therefore, how the 

characteristic shape of an organelle is generated, maintained, and modified is a fundamental 

question in eukaryotic cell biology. In this thesis, I will focus on the molecular mechanisms 

responsible for shaping the endoplasmic reticulum and offer insight into how these mechanisms 

give rise to the distinct tubular architecture observed for particular subdomains of the 

endoplasmic reticulum. 
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1.1 Endoplasmic reticulum morphology: tubules and sheets 

In 1902, Emilio Veratti made the first observations of the organelle that scientists now 

call the endoplasmic reticulum while investigating the structure of muscle fibers (Veratti, 1961). 

Using a light microscope, Veratti described in detail "a reticular apparatus of the sarcoplasm” 

that was distributed along the muscle striation. Despite his thorough account, it took another 

50 years, and the invention of the electron microscope, for biologists to "rediscover" the 

endoplasmic reticulum. The pioneering electron microscopy (EM) studies of George Palade, 

aided by Keith Porter, in the early 1950s, revealed a net-like structure of tubules within the 

cytoplasm of cells (Palade and Porter, 1954; Porter, 1953), later called the endoplasmic 

reticulum (ER). Shortly thereafter, Palade published a method to isolate ER microsomes—

sealed vesicles derived from the ER (Palade and Siekevitz, 1956). For the first time, these 

microsomes allowed researchers to perform in vitro biochemical assays, ushering in decade's 

worth of research into ER function (Schuldiner and Schwappach, 2013). 

Fast-forward to the present, and we now appreciate that the ER is a highly dynamic 

organelle that is the site of a variety of essential cellular processes including protein synthesis, 

lipid synthesis, glycosylation, and calcium storage and handling (reviewed in Baumann and 

Walz, 2001; Schwarz and Blower, 2016). New imaging technologies, including three-

dimensional electron tomography, ultrathin sectioning electron microscopy, confocal 

fluorescence microscopy, and super-resolution light microscopy, have also given us a better 

understanding of the three-dimensional shape of the ER (reviewed in Westrate et al., 2015). 

These techniques have revealed that the ER is a single continuous membrane system composed 

of two subdomains, the nuclear envelope (NE) and the peripheral ER (pER), that are 

morphologically distinct. The NE contains the flat, cisternal membranes of the inner and outer 
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nuclear membranes. The pER is comprised of a polygonal networks of tubules fused at three-

way junctions with interspersed sheets (Figure 1.1). The pER extends throughout the cytoplasm 

of a cell, with the sheets typically located proximal to the NE and the tubules positioned further 

away from the NE, near the edges of the cell. 

 

As one may expect, the shape of the ER seems to be intimately linked with its function. 

Accordingly, different cell types, particularly cells with specialized roles within a tissue, exhibit 

specific pER morphologies that allow the cells to perform their dedicated tasks (Fawcett, 1981; 

PALADE, 1956). ER sheets have historically been referred to as the "rough ER", a name given 

to describe the rough appearance imparted by the high concentration of bound ribosomes found 

on the surface of most ER sheets (Shibata et al., 2006; Voeltz et al., 2002). Given their high 

	  
Figure 1.1 The tubular ER network extends throughout the cytoplasm 
A) A U2OS cell expressing the luminal ER marker GFP-calreticulon reveals the extent of the ER network in 
cells. Particularly note the tubular ER network present towards the edge of the cell, away from the nucleus. 
Image courtesy of H. Tukachinsky. Scale bar = 10 µm. B) Enlarged image of the tubular ER network from the 
cell in panel A (area enlarged is highlighted with a cyan box). Arrows indicate the specific structures located 
within the tubular ER including individual tubules, three-way junctions, and peripheral sheets.  
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volume-to-surface ratio, ER sheets are hypothesized to be the primary location for protein 

translocation, subsequent protein folding, and certain initial posttranslational modifications. 

Supporting this hypothesis are experiments that demonstrate that the protein translocation 

machinery is located primarily within ER sheets as opposed to ER tubules (Shibata et al., 2010; 

Westrate et al., 2015). Accordingly, the pER of "professional" secretory cells, including plasma 

B cells and pancreatic cells, is primarily composed of stacked sheets studded by bound 

ribosomes, allowing these cells to handle the increased secretory load (Baumann and Walz, 

2001). 

ER tubules are often referred to as "smooth ER", given their lack of bound ribosomes. 

Given their high surface-to-volume ratio, tubules are well suited to perform surface-dependent 

functions such as lipid synthesis, hormone synthesis, and signaling processes (Friedman and 

Voeltz, 2011; Westrate et al., 2015). Appropriately, cells tasked with producing steroid 

hormones in the adrenal cortex, testis, and ovaries, exhibit a pER that is primarily composed of 

tubules (Baumann and Walz, 2001; Fawcett, 1981). The highly specialized tubular ER of muscle 

cells, also known as the sarcoplasmic reticulum, is responsible for regulating the intracellular 

calcium signals that are necessary for muscle contraction (Voeltz et al., 2002). Their high surface 

to volume ratio also allows tubules to efficiently extend the ER over a large distance. This is 

important in larger cells types, most notably in neurons, which exhibit elongated neuronal 

processes. The pER found in axons and dendrites is primarily tubular in shape, with tubules that 

may be even thinner than ER tubules found in other cells types (Gonzalez and Couve, 2014; 

Ramirez et al., 2011; Terasaki, 2018). Furthermore, mutations in proteins that generate and 

maintain the tubular pER network in neurons cause the neurodegenerative disease Hereditary 

Spastic Paraplegia (HSP) (Hubner and Kurth, 2014; Salinas et al., 2008; Westrate et al., 2015). 
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1.2 Formation, maintenance, and dynamics of the tubular ER network 

In 1984, Terasaki et al. published a groundbreaking study in which they used a 

fluorescent dye, DiOC6, to visualize the ER in a living cell for the first time. Although DiOC6 

had previously been used to stain mitochondria, Terasaki et al. discovered that using higher 

concentrations of the dye led to the staining of a "lace-like reticular structure remarkable for its 

elaborate continuity throughout the cell" (Terasaki et al., 1984). They correctly identified this 

"continuous net-like structure" as the ER. Since these initial observations, fluorescence 

microscopy has revealed that the ER, in particular the tubular ER network, is highly dynamic and 

displays certain characteristic behaviors (Westrate et al., 2015). These behaviors include junction 

sliding, in which a three-way junction will slide along the length of a tubule (Lee and Chen, 

1988; Lee et al., 1989). Eventually this sliding junction encounters another three-way junction, 

resulting in the fusion of the two junctions. Junction sliding and subsequent junction fusion 

results in ring-closure, in which polygons formed by the tubular ER network disappear, and the 

ER network is simplified. Other ER dynamics include tubule branching, in which new tubules 

are formed, seemingly by being pulled out from existing tubules or sheets, and tubule fusing, in 

which two tubules fuse together at a particular point to create a new three-way junction (Lee and 

Chen, 1988; Lee et al., 1989; Terasaki et al., 1984). 

It has been observed that particular associations between the ER and the cytoskeleton 

underlie many observed ER dynamics (Friedman and Voeltz, 2011; Westrate et al., 2015). Early 

observations in mammalian cells noted that ER tubules were aligned with microtubules, and that 

the growth of tubules seemed to primarily occur along existing microtubules (Lee and Chen, 

1988; Lee et al., 1989; Terasaki et al., 1984, 1986). One particular ER tubule-cytoskeleton 

association occurs through a protein complex called the tip attachment complex (TAC), which 
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has been shown to connect the unfused tips of ER tubules to the plus end of microtubules 

(Waterman-Storer and Salmon, 1998; Waterman-Storer et al., 1995). The TAC includes EB1, a 

microtubule plus end-binding protein. EB1 interacts with stroma-interacting molecule 1 

(STIM1), which is an integral ER membrane protein that acts as a calcium sensor (Bola and 

Allan, 2009; Grigoriev et al., 2008; Waterman-Storer and Salmon, 1998; Waterman-Storer et al., 

1995). The connection between the plus end of microtubules and ER tubules means that the ER 

tubules grow and shrink jointly with the microtubules. One of the more commonly observed 

behaviors of the tubular ER is the sliding of an ER tubule along a microtubule (Friedman et al., 

2010; Grigoriev et al., 2008; Waterman-Storer and Salmon, 1998). This sliding is driven by 

kinesin-1 and cytoplasmic dynein, and perturbation of these motor proteins results in changes to 

the architecture of the tubular ER network (Bannai et al., 2004; Bola and Allan, 2009; Feiguin et 

al., 1994; Waterman-Storer and Salmon, 1998; Wozniak et al., 2009). Interestingly, this motor-

driven sliding seems to occur primarily along microtubules that are acetylated (Friedman et al., 

2010). It should be noted that while in metazoans, it appears that connections with microtubules 

play the most important role in tubular ER dynamics, observations in plant and yeast cells have 

demonstrated that actin filaments play the primary role in modulating ER dynamics in these 

organisms (Boevink et al., 1998; Bola and Allan, 2009; Fehrenbacher et al., 2002; Ueda et al., 

2010). 

An interesting observation in early studies of the tubular ER network in mammalian cells 

noted that when the microtubules were depolymerized by treating the cells with nocodazole, the 

majority of the tubular ER network eventually retracted towards the nucleus (Terasaki et al., 

1984, 1986). This observation, combined with the extensive connections between the tubular ER 

network and the cytoskeleton, led to the hypothesis that the tubular ER network was primarily  
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shaped by and completely dependent upon the 

cytoskeleton. However, the tubule retraction after 

nocodazole treatment occurred on a much slower time 

scale than the microtubule depolymerization. Furthermore, 

there were a number of tubules that remained despite the 

disassembly of the microtubule network. In pioneering 

work, Dreier and Rapoport demonstrated that light 

membrane vesicles and cytosol derived from the extracts 

of Xenopus laevis eggs could be combined to form a 

tubular ER network in vitro (Dreier and Rapoport, 2000; 

Figure 1.2). Most importantly, the formation and 

maintenance of this network was unaffected by 

microtubule-depolymerizing agents or by the depletion of tubulin (Dreier and Rapoport, 2000). 

This was subsequently followed by work showing that light membrane vesicle fractions, which 

lack tubulin, could form tubular ER networks upon treatment with a physiological buffer 

containing GTP (Voeltz et al., 2006). These results unequivocally indicated that other factors, 

namely those that are associated with the ER membrane, must be primarily responsible for the 

formation and maintenance of the tubular ER network. 

1.3 Proteins that shape the tubular ER network 

Given their relatively small diameters, ~30 nm in yeast and ~50 nm in mammalian cells, 

ER tubules exhibit a high level of positive curvature that must be stabilized. In 2006, a study by 

Voeltz et al. used Xenopus laevis egg extracts to identify two classes of conserved membrane 

 
Figure 1.2 In vitro ER networks can 
be generated from Xenopus laevis egg 
extracts	  
Washed, light membranes from X. 
laevis egg extracts were incubated with 
cytosol for 60 minutes, stained with a 
hydrophobic dye, and imaged to reveal 
a tubular ER network. Scale bar = 10 
µm. Image originally from Lars Drier 
and Tom Rapoport. Journal of Cell 
Biology 2000;148(5):883-898. 
Reproduced under a Creative Commons 
license.  
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proteins, the reticulons and the DP1/Yop1/REEP proteins, that are required for the formation and 

maintenance of ER tubules. 

1.3.1 Reticulon proteins  

Reticulon proteins are a class of highly abundant, integral membrane proteins that have 

been shown to generate and maintain the high curvature of ER tubules (Oertle et al., 2003a; Di 

Sano et al., 2012; Westrate et al., 2015). Reticulon proteins are highly conserved. Mammals have 

four reticulon genes (RTN1, RTN2, RTN3, and RTN4) that are expressed as a variety of different 

isoforms (GrandPre et al., 2000; Moreira et al., 1999; Oertle et al., 2003a, 2003b; Roebroek et 

al., 1993, 1996, 1998). The genome of Saccharomyces cerevisiae encodes two reticulon genes, 

RTN1 and RTN2 (Voeltz et al., 2006), while the genome of Caenorhabditis elegans encodes one 

reticulon gene, ret-1, that is expressed as three different isoforms (Iwahashi et al., 2002). In vivo, 

the overexpression of reticulon proteins increases the number and length of ER tubules and 

causes a decrease in tubule branching (Shibata et al., 2008; Voeltz et al., 2006; Wang et al., 

2016).  These tubules are more resistant to retraction after the depolymerization of the 

microtubule network, indicating that the reticulon proteins are important to the structural 

integrity of the tubular ER network (Shibata et al., 2008).  At very high levels of overexpression, 

reticulon proteins actually generate so much curvature that a constriction of tubules and eventual 

fragmentation of the ER is observed (Wang et al., 2016). Consistent with the overexpression 

data, the depletion of reticulon from tissue culture cells results in a decrease in the number of 

tubules and an accompanying increase in the number of ER sheets (Anderson and Hetzer, 2008; 

Shibata et al., 2008, 2010; Voeltz et al., 2006). Furthermore, reticulons have been shown to 

localize preferentially to the site of high membrane curvature. This includes the ER tubules, as 
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well as the edges of ER sheets, which are highly curved (Shibata et al., 2008, 2010; Voeltz et al., 

2006). 

Complementing the in vivo data, in vitro experiments have also demonstrated the ER-

shaping activity of reticulon proteins. Inactivation of reticulon proteins in Xenopus laevis egg 

extracts using sulfhydryl-modifying reagents and reticulon-specific antibodies inhibit network 

formation and leads to disassembly of the network (Voeltz et al., 2006). Furthermore, purified 

Rtn1p from Saccharomyces cerevisiae converts vesicles into tubules upon detergent-mediated 

reconstitution (Hu et al., 2008; Figure 1.3B). 

Thus, the combination of in vivo and in vitro results indicate that reticulon proteins are 

both necessary and sufficient to form, maintain, and regulate the tubular ER network. Exactly 

how reticulon proteins shape membranes at a molecular level, however, is not completely 

understood. All reticulon proteins share a common core reticulon homology domain (RHD) that 

is located at the C-termini of the proteins (Figure 1.3A). The RHD is characterized by two 

transmembrane hairpin domains that are approximately 30-35 residues long (Hu et al., 2008, 

2011; Voeltz et al., 2006). The two hairpin domains are separated by a hydrophilic, cytosolic 

loop. There is debate as to whether these hairpin domains actually span the entire bilayer, with 

preliminary NMR evidence showing that the domains do indeed traverse the membrane 

completely (Brady et al., 2015). The N-termini of reticulon proteins are highly variable, 

suggesting that particular reticulon proteins may be involved in other specialized cellular tasks, 

most notably intracellular signaling (Yang and Strittmatter, 2007). Recent studies have also 

identified a conserved amphipathic helix located at the C-termini of reticulon proteins (Brady et 

al., 2015; Breeze et al., 2016). This amphipathic helix is protected from trypsin-digestion by 



	   10	  

lipids, suggesting that it is primarily associated with the membrane and may even partially insert 

into the bilayer. 

There are several mechanisms by which reticulon proteins, and their distinctive structure, 

are thought to induce and stabilize positive curvature. First, the RHD is postulated to form a 

"hydrophobic wedge" (Hu et al., 2008, 2011; Shibata et al., 2010). The unique architecture of the 

two transmembrane hairpins is hypothesized to result in the formation of a wedge-like shape that 

occupies more space in the cytoplasmic leaflet of the ER membrane than in the luminal leaflet.  

 

This causes expansion of the cytoplasmic leaflet, generating and stabilizing positive curvature 

within the membrane. Consistent with this hypothesis, increasing the length of the hairpin 

	  
Figure 1.3 The reticulon and Yop1/REEP proteins generate and stabilize high positive curvature 
A) Schematic of the structure and domain topology of reticulon and Yop1/REEP proteins. The proteins contain 
two transmembrane hairpin domains and a C-terminal amphipathic helix. B) Negative-stain electron microscopy 
analysis reveals that detergent-mediated reconstitution of S. cerevisiae Yop1p (top) or Rtn1p (bottom) into 
liposomes converts the liposomes into tubules after detergent removal. Scale bars = 100 nm. Image originally 
from Junjie Hu et al. Science 2008;319:1247-1250. Reprinted with permission from AAAS. 
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segments, thereby disrupting the wedge-shape, abrogates the membrane curving activity of 

reticulon proteins (Tolley et al., 2010; Zurek et al., 2011). Another hypothesis is that reticulon 

proteins form large, arc-like oligomers that act as scaffolds to generate and stabilize positive 

curvature (Hu et al., 2008, 2011; Shibata et al., 2008). Reticulon proteins have been shown to 

form higher-order oligomers both in vivo and in vitro. The RHD appears to be sufficient for 

oligomerization. Mutations that disrupt oligomerization diminish the curvature-generating 

activity of reticulons. Finally, the conserved C-terminal amphipathic helix has been implicated in 

generating curvature, as deletion or the mutation of the hydrophobic face of this helix have been 

shown to disrupt reticulons' ability to generate curvature (Brady et al., 2015; Breeze et al., 2016). 

Amphipathic helices are often found in membrane-modifying proteins, as these helices have 

been shown to generate and sense membrane curvature, potentially by partial insertion into the 

membrane (Drin and Antonny, 2010). 

1.3.2 Yop1/REEP proteins 

Voeltz et al. also identified DP1 (defective in polyposis) as a reticulon interacting protein 

(Voeltz et al., 2006). DP1 is also known as receptor expression enhancing protein 5 (REEP5), as 

the expression of REEP proteins in animal cells was linked with the increased expression of 

certain receptors, most notably GPCRs (Behrens et al., 2006; Bjork et al., 2013; Dunham and 

Hall, 2009). There are 6 REEP proteins in mammalian cells, while Saccharomyces cerevisiae has 

one REEP protein called Yop1p, which is highly expressed (Hu et al., 2008; Voeltz et al., 2006). 

While not related in sequence, the Yop1/REEP proteins have a similar membrane topology as the 

reticulons. The Yop1/REEP proteins contain the same dual, short hairpin structures found in the 

RHD of reticulon proteins (Hu et al., 2008). The Yop1/REEP proteins also contain a conserved, 

amphipathic helix located at their C-termini (Brady et al., 2015).  
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The ER of yeast cells lacking either Yop1p or Rtn1p have a normally shaped ER, 

indicating that the two proteins could have overlapping functions in tubule formation and 

maintenance (Voeltz et al., 2006). Indeed, in yeast cells lacking both Yop1p and Rtn1p, the ER 

was converted mainly into sheets (Voeltz et al., 2006). Like Rtn1p, reconstitution of Yop1p into 

liposomes yields tubules (Hu et al., 2008; 1.3B), and the Yop1/REEP proteins have been shown 

to form immobile homo-oligomers (Brady et al., 2015; Hu et al., 2008; Shibata et al., 2008). 

Furthermore, Yop1p lacking the conserved C-terminal amphipathic helix is unable to tubulate 

liposomes in vitro (Brady et al., 2015). All of these observations indicate that like the reticulons, 

the Yop1/REEP proteins are responsible for forming and maintaining positive curvature within 

the tubular ER network. In mammals, particular REEP proteins may also take on other 

specialized cellular roles. For example, REEP3 and REEP4 contain a putative microtubule-

binding domain, and preliminary evidence indicates the two proteins are important in helping to 

clear the ER away from metaphase chromosomes (Schlaitz et al., 2013). 

1.3.3 Sey1/Atlastin proteins 

While the reticulon and Yop1/REEP proteins are responsible for generating the 

membrane curvature needed to form and maintain tubules, individual tubules must be fused 

together to give rise to the continuous ER network. This homotypic fusion of ER membranes is 

primarily mediated by a family of ER-localized, dynamin-like GTPases known as the atlastins in 

metazoans (Hu et al., 2009; Orso et al., 2009). The proteins synthetic enhancer of yop1p (Sey1p) 

and root hair defective 3 (RHD3) are functional orthologues of atlastin that mediate homotypic 

ER fusion in yeast and plant cells respectively (Anwar et al., 2012; Hu et al., 2009; Zhang et al., 

2013). 



	   13	  

While the atlastin and Sey1/RHD3 proteins do not share sequence similarity, they exhibit 

a similar overall architecture (Figure 1.4A). Located at the N-terminus is a cytosolic GTPase (G) 

domain, which is immediately followed by a helical bundle (HB) domain. The HB domain of 

Sey1/RHD3 proteins is much larger than the HB domain of atlastin proteins. Following the HB 

domain is a transmembrane hairpin (TM) and finally a cytosolic C-terminal (C) domain that 

contains a conserved amphipathic helix (Bian et al., 2011; Hu and Rapoport, 2016; Liu et al., 

2012; Yan et al., 2015). 

 

	  
Figure 1.4  Homotypic fusion of ER membranes is mediated by atlastin and Sey1 proteins 
A) Schematic of the structure and domain topology of atlastin and sey1 proteins. The proteins contain a N-
terminal GTPase (G) domain, followed by a helical bundle (HB) domain, followed by a transmembrane hairpin 
(TM), and finally a cytosolic C-terminal (C) domain that contains a conserved amphipathic helix. B) Model of 
atlastin/Sey1p-mediated fusion. GTP binding causes dimerization via the G domain of molecules in opposing 
membranes. GTP hydrolysis causes a conformational change that pulls the two membranes together, causing 
fusion.  
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Experiments in both Drosophila melanogaster and tissue culture cells have demonstrated 

the role of atlastin in homotypic ER fusion. Perturbation of atlastin function, whether through 

depletion, deletion, mutational inactivation, or expression of dominant negative mutants, 

severely alters the morphology of the tubular ER network (Hu et al., 2009; Orso et al., 2009; 

Rismanchi et al., 2008; Wang et al., 2016). Low-levels of atlastin inactivation result in the 

appearance of long, non-branched ER tubules, indicating a lack of fusion between newly formed 

tubules (Hu et al., 2009; Orso et al., 2009). Higher levels of atlastin inactivation actually cause a 

fragmentation of the ER, demonstrating that atlastin activity is required for the integrity of the 

ER tubular network (Wang et al., 2016). 

In vitro, ER network formation in Xenopus laevis egg extracts can be blocked by either 

the addition of an atlastin antibody or the soluble form of the atlastin G domain (Wang et al., 

2013, 2016). The soluble G domain can only block fusion if it is able to interact with the 

endogenous atlastin molecules in the Xenopus laevis membranes, as a dimerization defective 

mutant of the soluble G domain does not block ER network formation (Wang et al., 2013). 

Furthermore, the addition of the soluble G domain can dissemble a preformed tubular ER 

network (Wang et al., 2016). These results demonstrate that the integrity of the ER network is 

dependent upon atlastin activity.  

Most convincingly, detergent purified Drosophila melanogaster atlastin can be 

reconstituted into liposomes and upon the addition of GTP, catalyzes the fusion of the 

proteoliposomes (Bian et al., 2011; Faust et al., 2015; Liu et al., 2012, 2015; Orso et al., 2009). 

Atlastin also mediates the tethering of proteoliposomes (Liu et al., 2015; Saini et al., 2014). This 

tethering is GTP hydrolysis dependent, and indicates that there may be several futile cycles of 

GTP hydrolysis that result only in membrane tethering, rather than in membrane fusion. Based 
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on these results, along with several structures of the G domain solved by x-ray crystallography 

(Bian et al., 2011; Byrnes and Sondermann, 2011; Byrnes et al., 2013; Wu et al., 2015), a model 

of atlastin-mediated fusion has emerged in which atlastin molecules on opposing membranes 

dimerize upon GTP binding via the G domain (Figure 1.4B). GTP hydrolysis results in a 

conformational change that pulls the two opposing membranes together so that the bilayers can 

undergo fusion (Hu and Rapoport, 2016). 

Further in vitro experiments in which different atlastin mutants were reconstituted into 

liposomes and tested for their ability to catalyze fusion has also demonstrated that the TM and C 

domains are vital for atlastin function. Both point mutations within the TM domain and the 

deletion of the conserved amphipathic in the C domain severely decreased the fusion activity of 

atlastin. Interestingly, the activity of atlastin mutants lacking the amphipathic helix could be 

rescued by the addition of a soluble, synthetic peptide corresponding to the amphipathic helix. 

This indicates that the helix most likely binds to and perturbs the membrane in a manner that aids 

in fusion. 

A role for Sey1p in Saccharomyces cerevisiae homotypic ER fusion has also been 

established by a combination of in vivo and in vitro experiments. Sey1p has been shown to 

interact with Rtn1p and Yop1p, and the double deletion of Sey1p and Rtn1p in Saccharomyces 

cerevisiae severely perturbs ER morphology (Hu et al., 2009). Furthermore, the deletion of 

Sey1p delays ER fusion during Saccharomyces cerevisiae mating (Anwar et al., 2012). Sey1p 

and atlastin can also replace each other in yeast and mammalian cells (Anwar et al., 2012; Yan et 

al., 2015), while RHD3 can replace Sey1p in yeast (Zhang et al., 2013). Finally, like atlastin, 

Sey1p can be reconstituted into liposomes and catalyzes a GTP-dependent fusion of the 

proteoliposomes (Yan et al., 2015). 
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1.4 Proteins implicated in ER sheet formation and maintenance 

While not the specific focus of this thesis, the mechanisms underlying the formation of 

ER sheets have also been investigated. ER sheets consist of two flat membranes that are stacked 

together, separated by a small luminal space. The edges of these sheets necessarily display a high 

level of positive curvature. This curvature is hypothesized to be stabilized by the reticulon and 

Yop1/REEP proteins (Shibata et al., 2010; Voeltz et al., 2006). ER sheets are often found 

stacked, particularly in professional secretory cells (Baumann and Walz, 2001; Fawcett, 1981). 

Serial EM methods have revealed that these stacked sheets are connected together by a twisted 

membrane surface reminiscent of the ramps that typically connect different levels within a 

parking garage (Terasaki et al., 2013). The thickness of ER sheets seems to be constant, 

suggesting the presence of a protein that acts as a luminal spacer (Bernales et al., 2006; Shibata 

et al., 2010). Climp-63 is a type II integral membrane protein that localizes to ER sheets and has 

been implicated in both sheet formation and maintenance of luminal spacing (Shibata et al., 

2006, 2010). Climp-63 contains a luminal coiled coil domain that is thought to homo-

oligomerize across the lumen of ER sheets to maintain a constant spacing of 45-50 nm 

(Klopfenstein et al., 2001). Consistent with this hypothesis, the depletion of CLIMP63 deceases 

the luminal spacing in ER sheets to 25-30 nm (Shibata et al., 2010). Furthermore, overexpression 

of CLIMP63 increases the number of ER sheets while decreasing the number of ER tubules 

(Shibata et al., 2010). The association of ribosomes, particularly polyribosomes, with ER sheets 

has also been hypothesized to help stabilize the flat surfaces of the membrane (Shibata et al., 

2006, 2010). Indeed, the release of ribosomes and polyribosomes from the ER has been 

correlated with the disruption of ER sheet architecture (Puhka et al., 2007). 
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1.5 Outstanding questions and summary of thesis 

While the curvature stabilizing activity of the reticulon and Yop1/REEP proteins, as well 

as the fusion activity of the atlastin/Sey1 proteins, have both been extensively studied and 

characterized in vivo and in vitro, how these two sets of proteins cooperate to form the tubular 

ER network is unclear. Moreover, although a powerful in vitro assay for ER network formation 

has been developed using extracts from Xenopus laevis eggs, the minimal set of components 

needed to form and maintain a tubular ER network has not been identified. Furthermore, whether 

these minimal components allow for the ER dynamics observed in vivo is not known. I address 

these questions directly in the Chapter 2 of this thesis, where I show that the minimal set of 

proteins needed to form the tubular ER network consists solely of a curvature-stabilizing protein 

and a membrane-fusing protein. Co-reconstitution of Saccharomyces cerevisiae Sey1p with a 

number of different curvature-stabilizing proteins of the reticulon and Yop1/REEP families yield 

proteoliposomes that, when incubated with GTP, form tubular networks that are nearly 

indistinguishable from those observed in the extracts of Xenopus laevis eggs. Furthermore, these 

synthetic networks have the same dynamic behaviors as ER networks in cells, including junction 

sliding and ring closure. This demonstrates that the minimal set of proteins needed to form the 

network also allows for network dynamics. Furthermore, the integrity of the synthetic network is 

dependent upon the GTPase activity of the membrane-fusing protein, as incubation of pre-

formed reconstituted networks with GTPγS leads to rapid network disassembly. Taken together, 

these results demonstrate that the tubular ER can be generated by a surprisingly small set of 

proteins and represents an energy-dependent steady state between formation and disassembly. 

In Chapter 3, I begin to tackle the difficult problem of determining the molecular 

mechanism by which the reticulon and Yop1/REEP proteins stabilize positive curvature. The 
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lack of high-resolution structural information about these proteins precludes a complete 

understanding of how they are able to generate membrane curvature. The size of these proteins 

demands a crystallographic approach. However, the nature of these membrane proteins, 

particularly the lack of a large cytosolic domain, means that obtaining crystals is very difficult. 

In this chapter, I detail the first steps towards obtaining a crystal and eventual structure using 

new tools available for the crystallization of membrane proteins. These tools include lipidic 

cubic phase crystallization and nanobody-aided crystallization. I describe initial crystallization 

trials using REEP5 proteins derived from Xenopus laevis as well as different thermophilic yeast 

species. I also demonstrate the in vitro identification of several nanobodies that bind to these 

REEP5 proteins using a new yeast display library in combination with standard cell sorting 

techniques. I show that that these nanobodies can bind to the REEP5 proteins with high affinity 

and in some cases, can co-bind with other nanobodies. These nanobodies will undoubtedly be 

useful tools not only in future crystallographic trails, but also in other in vitro network assays. 
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2 
Reconstitution of the tubular endoplasmic 

reticulum with purified components 
 
 

This chapter has been previously published as: 

Powers, R.E.*, Wang, S.*, Liu, T.Y., and Rapoport, T.A. (2017). Reconstitution of the 

tubular endoplasmic reticulum network with purified components. Nature 543, 257–260. 

* denotes equal contribution 

 

2.1 Abstract 

Organelles display characteristic morphologies that are intimately tied to their cellular 

function, but how organelles are shaped is poorly understood. The endoplasmic reticulum (ER) is 

particularly intriguing, as it is comprised of morphologically distinct domains, including a 

dynamic network of interconnected membrane tubules. Several membrane proteins have been 

implicated in network formation (Chen et al., 2013; English and Voeltz, 2013; Goyal and 
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Blackstone, 2013; Shibata et al., 2009; Zhang and Hu, 2016), but how exactly they mediate 

network formation and whether they are all required is unclear. Here, we have reconstituted a 

dynamic tubular membrane network with purified ER proteins. Proteoliposomes containing the 

membrane-fusing GTPase Sey1p (Anwar et al., 2012; Hu et al., 2009) and the curvature-

stabilizing protein Yop1p (Hu et al., 2008; Voeltz et al., 2006) from Saccharomyces cerevisiae 

form a tubular network upon GTP addition. The tubules rapidly fragment when GTP hydrolysis 

of Sey1p is inhibited, indicating that network maintenance requires continuous membrane fusion 

and that Yop1p favors the generation of highly curved membrane structures. Sey1p also forms 

networks with other curvature-stabilizing proteins, including reticulon (Voeltz et al., 2006) and 

REEP (Park et al., 2010) proteins from different species. Atlastin, the vertebrate ortholog of 

Sey1p (Hu et al., 2009; Orso et al., 2009), forms a GTP-hydrolysis dependent network on its 

own, serving as both a fusion and curvature-stabilizing protein. Our results show that organelle 

shape can be generated by a surprisingly small set of proteins and represents an energy-

dependent steady state between formation and disassembly.  

2.2 Introduction  

ER tubules have high membrane curvature in cross-section, which is generated by two 

families of conserved integral membrane proteins, the reticulons (Rtn) and REEPs (Yop1p in 

yeast) (Voeltz et al., 2006). These proteins are required to maintain a tubular network in cells 

(Hu et al., 2008; Voeltz et al., 2006) and, upon reconstitution into liposomes, convert vesicles 

into tubules (Hu et al., 2008). These proteins contain two sets of closely spaced transmembrane 

domains and a C-terminal amphipathic helix that may be required to induce membrane curvature 

(Brady et al., 2015; Voeltz et al., 2006). Members of the Rtn and REEP/Yop1p families exist in 

all eukaryotic cells and have redundant functions in curvature-stabilization. Connecting tubules 
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into a polygonal network depends on membrane fusion, a process mediated by membrane-bound 

GTPases, the atlastins (ATL) in metazoans and Sey1p in yeast (Hu et al., 2009; Orso et al., 

2009). Proteoliposomes containing purified ATL or Sey1p undergo GTP hydrolysis- dependent 

fusion in vitro (Anwar et al., 2012; Bian et al., 2011; Byrnes and Sondermann, 2011; Orso et al., 

2009; Yan et al., 2015). These dynamin-like proteins initially tether opposing membranes and 

then use GTP hydrolysis to cause their fusion (Liu et al., 2015). In addition to curvature- 

stabilizing and fusion proteins, other factors have been implicated in ER network formation, 

including the lunapark protein (Chen et al., 2015; Shemesh et al., 2014; Wang et al., 2016), the 

Tts1/TMEM33 protein (Zhang et al., 2010), the cytoskeleton, and molecular motors (Wang et al., 

2013). Here, we identify a minimal set of components needed for the formation of a tubular ER 

network. 

2.3 Results  

We first tested whether a membrane network can be generated with the GTPase Sey1p 

and a single curvature-stabilizing protein, Yop1p, both derived from S. cerevisiae. Purified 

Sey1p and Yop1p (Figure A.1, Appendix A) were incorporated into liposomes by “directed 

insertion” (Bian et al., 2011; Orso et al., 2009). The proteins were oriented with their cytosolic 

domains on the outside (Figure A.2, Appendix A) and used at a molar ratio that approximates 

their relative abundance in cells (Sey1p:Yop1p~1:10–1:20) (Kulak et al., 2014). A fraction of the 

vesicles floated in a Nycodenz gradient (Figure A.3, Appendix A). For visualization by 

fluorescence microscopy, the liposomes also contained rhodamine-labeled phosphatidyl 

ethanolamine (rhodamine-PE). The reconstituted proteoliposomes were fusion competent, as 

demonstrated with a lipid- mixing assay (Figure A.4, Appendix A)(Bian et al., 2011; Orso et al., 
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2009). In fact, fusion was more efficient with proteoliposomes containing both Sey1p and Yop1p 

than with those containing only Sey1p. 

Next we visualized the proteoliposomes by confocal fluorescence microscopy. In the 

absence of GTP, the sample consisted of small vesicles, appearing as bright dots (Figure 2.1A). 

However, when the proteoliposomes were incubated with GTP, an extensive network of 

interconnected tubules was observed (Figure 2.1A). Although the network displayed variable 

density (Figure A.5, Appendix A), in most areas it looked strikingly similar to ER networks 

generated with extracts from Xenopus laevis eggs (Figure 2.1B). In addition, like in extracts or 

intact cells (Lee and Chen, 1988; Wang et al., 2013), the reconstituted ER network exhibited 

dynamics, including the sliding of junctions along tubules and ring closure, i.e. the merging of 

two junctions into one (Figure 2.1C; Supplementary Video 1). The network did not form with 

GTPγS, indicating that GTP hydrolysis by Sey1p is required (Figure A.6A, Appendix A). 

Network formation was also dependent on both Sey1p and Yop1p. With Sey1p alone, the 

addition of GTP resulted in larger vesicles, but not tubules (Figure 2.1D and Figure A.6B, 

Appendix A). With Yop1p alone, only small vesicles or perhaps short tubules were observed in 

the absence or presence of GTP (Figure 2.1E and Figure A.6C, Appendix A), in agreement with 

previous results where tubules were observed by EM (Hu et al., 2008). Network formation was 

seen with different ratios of Sey1p to Yop1p, as well as of protein to lipid (Figure A.7, Appendix 

A). The lipid composition of the proteoliposomes did not seem to be of major importance, as 

networks could be generated with Escherichia coli or S. cerevisiae polar lipid extracts (Figure 

A.8, Appendix A). 

To test whether the reconstituted network contains both Sey1p and Yop1p, we generated 

fluorescently labeled versions of these proteins. Sey1p was tagged at the N-terminus with GFP,  
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Figure 2.1 Co-reconstituted Sey1p and Yop1p form GTP-dependent tubular networks 
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into rhodamine-PE labeled liposomes at protein:lipid 
ratios of 1:500 and 1:35, respectively, incubated without (left) or with (right) 2 mM GTP, and visualized by 
fluorescence microscopy. B) An ER network was formed with crude interphase Xenopus egg extract and 
fluorescently stained with DiOC18. C) Time-lapse images of the reconstituted network (see also Supplementary 
Video 1). White arrows indicate sliding or fusing junctions. D) Proteoliposomes formed with Sey1p alone 
(protein:lipid ratio of 1:500) were incubated with 2 mM GTP. E) As in D, but with proteoliposomes formed 
with Yop1p alone (protein:lipid ratio of 1:35). F) As in A, but with GFP-labeled Sey1p and Alexa647-labeled 
Yop1p. Scale bars = 20 µm, except in c where scale bars = 10 µm.	  
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and Yop1p was labeled at lysine residues with Alexa647 dye. The labeled proteins were co-

reconstituted into liposomes that also contained rhodamine-PE. Upon GTP addition, a network 

was formed that contained all three fluorescent labels (Figure 2.1F). Both Sey1p and Yop1p 

distributed throughout the network. An even distribution of Yop1p is expected, but Sey1p is 

typically enriched at three-way junctions in vivo (Hu et al., 2009; Yan et al., 2015). The 

difference might be due to a higher Sey1p concentration in our in vitro system or to the absence 

of unknown factors that localize to junctions in cells. However, the Sey1p ortholog ATL1 is 

uniformly distributed throughout tubules in vivo (Wang et al., 2016), indicating that the fusion 

proteins need not be enriched at junctions. 

The addition of GTPγS to a preformed network resulted in its rapid fragmentation (Figure 

2.2A). Within a few minutes, the network converted into small vesicles, although some larger 

structures were also observed. Intermediates of the fragmentation process were difficult to 

visualize, but we observed several cases in which long tubules broke into smaller ones (Figure 

2.2B; Supplementary Video 2). In addition, tubules probably shorten by shedding vesicles from 

their tips. These results show that network formation requires continuous membrane fusion by 

Sey1p to counterbalance fragmentation into small vesicles. This behavior is similar to that of ER 

networks generated in Xenopus egg extracts and tissue culture cells (Wang et al., 2016), which 

disassemble when ATL is inhibited. 

To examine the reconstituted ER network in more detail, Sey1p and Yop1p were directly 

incorporated into unlabeled liposomes and the samples were analyzed by negative-stain electron 

microscopy (EM). When the proteoliposomes were incubated with GTP, small areas of a tubular 

network were seen (Figures 2.3A,B; Figure A.9A, Appendix A). No network was observed in the 
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absence of GTP or when one of the two proteins was omitted (Figures 2.3A–D). The areas of the 

network were much less extensive than those seen in the light microscope, likely because they 

only partially survived the harsh negative-staining protocol. The two bilayers and the lumen of 

the reconstituted tubules were clearly visible, confirming that three-way junctions indeed consist 

of fused, rather than simply tethered, membrane tubules. Most of the reconstituted tubules had a 

diameter of ~16 nm, similar to those formed with Yop1p alone (Hu et al., 2008). They are 

significantly narrower than the tubules in normal cells, likely because the concentration of 

Yop1p is higher in the proteoliposomes than in vivo, an assumption supported by the observation 

  

Figure 2.2 Network maintenance requires continuous GTP hydrolysis by Sey1p 
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into rhodamine-PE labeled liposomes at protein:lipid 
ratios of 1:500 and 1:35, respectively. Network was formed by incubating proteoliposomes with 2 mM GTP. 
After addition of buffer (left) or 2 mM GTPγS (right), the samples were immediately analyzed. B) Time-lapse 
images after addition of 1 mM GTPγS to a preformed network formed with Sey1p and Alexa647-labeled 
Yop1p (see also Supplementary Video 2). Alexa647-labeled Yop1p is visualized. White arrows indicate 
fragmentation points. Scale bars = 20 µm for A and 10 µm for B. 	  
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Figure 2.3 Visualization of reconstituted networks with negative-stain EM 
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into liposomes at protein:lipid ratios of 1:1000 and 
1:200, respectively. The samples were incubated with or without 1 mM GTP and visualized by EM after uranyl 
acetate staining. The figure shows a magnification of the network in Extended Data Fig. 7. B) As in A, but with 
Sey1p and Yop1p at protein:lipid ratios of 1:7500 and 1:200, respectively. Black arrowheads indicate Sey1p 
molecules. C) As in A, but with Sey1p alone at a protein:lipid ratio of 1:500. D) As in A, but with Yop1p alone 
at protein:lipid ratios of 1:35 and 1:200 in the absence of GTP. E) As in A, but with D. melanogaster ATL 
alone at a protein:lipid ratio of 1:1000. F) As in A, but with ATL and Yop1p co-reconstituted into liposomes at 
protein:lipid ratios of 1:6000 and 1:50, respectively. G) As in A, but with ATL and Yop1p at protein:lipid ratios 
of 1:6000 and 1:200, respectively. Scale bars = 100 nm. 	  
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that overexpression of curvature-stabilizing proteins in cells constricts ER tubules (Hu et al., 

2008). In the reconstituted tubules, Sey1p molecules were visible as small, globular objects that 

extended approximately 18 nm from the bilayer and were connected to the membrane via a thin 

stalk (Figure 2.3B; Figures A.9B,C, Appendix A), features and dimensions that are in agreement 

with the crystal structure of Sey1p (Yan et al., 2015). Sey1p was distributed throughout the entire 

network, consistent with its localization in light microscopy. 

Next, we tested whether Sey1p could form networks with other curvature-stabilizing 

proteins of the Rtn and DP1/Yop1p families. Indeed, networks were observed when Sey1p was 

combined with Rtn1p from S. cerevisiae (Figure 2.4a), Rtnl1 from D. melanogaster (Figure 

2.4B), a REEP5 (DP1) homolog from D. melanogaster (CG8331; Figure 2.4C), and REEP4 or 

REEP5 from X. laevis (Figures 2.4D,E). In all these cases, network formation was only seen in 

the presence of GTP (Figure A.10, Appendix A). Small, GTP-dependent networks were also 

seen when proteoliposomes containing Sey1p and Drosophila melanogaster Rtnl1 were analyzed 

by negative-stain EM (Figure A.9D). Taken together, these results indicate that proteins of the 

Rtn and REEP/Yop1p families are functionally equivalent in shaping the ER network. 

Furthermore, given that these proteins are derived from evolutionarily distant organisms, 

network formation probably does not require a specific physical interaction between Sey1p and 

curvature-stabilizing proteins. 
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Figure 2.4. Networks formed with different membrane-fusing and curvature-stabilizing proteins  
A) S. cerevisiae Sey1p was co-reconstituted with S. cerevisiae Rtn1p into rhodamine-PE labeled liposomes at 
protein:lipid ratios of 1:500 and 1:50, respectively. The proteoliposomes were incubated with 2 mM GTP and 
visualized by fluorescence microscopy. B) As in A but with Sey1p and D. melanogaster Rtnl1. C) As in A, but 
with Sey1p and D. melanogaster REEP-homolog CG8331. D) As in A, but with Sey1p and X. laevis REEP4. 
E) As in a, but with Sey1p and X. laevis REEP5 (protein:lipid ratio of 1:200). F) Proteoliposomes formed with 
D. melanogaster ATL alone at a protein:lipid ratio of 1:1000 in the presence of 2 mM GTP. G) As in F, but 2 
mM GTPγS was added after network formation. H) Proteoliposomes formed with fusion-defective D. 
melanogaster ATLK51A alone at a protein:lipid ratio of 1:100 in the presence of 2 mM GTP. I) S. cerevisiae 
Sey1p and fusion-defective D. melanogaster ATLK51A co-reconstituted at protein:lipid ratios of 1:500 and 
1:100, respectively, incubated in the presence of 2 mM GTP. Scale bars = 20 µm. 
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Finally, we tested whether ATL, the metazoan ortholog of Sey1p, can also mediate 

network formation. Surprisingly, proteoliposomes containing purified Drosophila ATL alone 

formed an elaborate network upon GTP addition (Figure 2.4F and Figure A.10F, Appendix A). 

Network formation was not observed in a previous study, likely because the sample was too 

dilute (Liu et al., 2015). As before, network maintenance required continuous membrane fusion; 

when GTPγS was added to a preformed network, it rapidly disassembled (Figure 2.4G). 

Lowering the ATL concentration reduced network formation, but did not make it dependent on 

curvature-stabilizing proteins (not shown). These results suggest that ATL not only mediates 

fusion, but also stabilizes high membrane curvature. To test this idea, we used a fusion-defective 

ATL mutant (ATLK51A) (Orso et al., 2009) that on its own no longer formed a network (Figure 

2.4H). However, when co-reconstituted with Sey1p, ATLK51A supported GTP-dependent network 

formation, indicating that it retained its curvature-stabilizing activity (Figure 2.4I). In vivo, ATL 

probably only mediates fusion, while the more abundant Rtn and REEP/Yop1p proteins stabilize 

curvature. Because Sey1p cannot form networks on its own, it might have a lower curvature- 

stabilizing activity than ATL. However, it is also possible that it does not reach sufficiently high 

concentrations in our reconstituted vesicles, as flotation experiments show it is less efficiently 

incorporated into liposomes (Figures A.3M,N, Appendix A). Interestingly, the network formed 

with ATL alone could not be visualized by EM, likely because the tubules did not survive the 

harsh negative-staining protocol (Figure 2.3E). In contrast, networks were visible when the 

proteoliposomes contained both ATL and S. cerevisiae Yop1p (Figures 2.3F,G) or ATL and D. 

melanogaster Rtnl1 (Figure A.9, Appendix A). Thus, the presence of high concentrations of 

curvature-stabilizing proteins makes the tubules more mechanically robust. 
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2.4 Discussion 

Our results show that a tubular ER network can be reconstituted with a surprisingly small 

set of membrane proteins. The network corresponds to a steady state of continuous membrane 

fusion and fragmentation. Fusion is mediated by the membrane-bound GTPases ATL or Sey1p, 

whereas fragmentation is likely caused by the curvature-stabilizing proteins of the Rtn and 

REEP/Yop1p families, which seem to prefer the higher membrane curvature of small vesicles to 

that of tubules. In a steady state network, fusion by the GTPases appears to be faster than the 

breakage of tubules or the shedding of small vesicles by the curvature- stabilizing proteins, 

explaining why tubule fission is a rare event in vivo. Our in vitro results are in agreement with 

recent experiments in mammalian cells, which demonstrate that ATL inactivation or 

overexpression of Rtn4a results in ER fragmentation (Wang et al., 2016). Our results also show 

that, as in intact cells, the reconstituted network is dynamic, consisting of sliding and fusing 

three-way junctions. In vivo, these movements are caused by the attachment of the ER to the 

cytoskeleton or molecular motors, whereas in vitro, they may be due to thermal convection in 

conjunction with focal attachment of the network to the cover slip. We speculate that both the 

continuous formation and disassembly of the ER network and the dynamics of tubular junctions 

may allow the rapid adaptation of ER shape to different conditions. For example, it may 

contribute to the conversion of tubules to sheets during the cell cycle and may explain changes of 

ER morphology during cell differentiation. We propose that other organelles are shaped by 

similar principles as the ER, representing a steady state between formation and disassembly 

mediated by a small set of proteins. 
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2.5 Materials and Methods 

2.5.1 Plasmids 

Codon-optimized D. melanogaster (Dm) ATL (NM_001300577.1) and S. cerevisiae 

SEY1 (NM_001183584.1) were cloned into pGEX-6P-1 and pGEX-4T-3 as described 

previously (Anwar et al., 2012; Bian et al., 2011). Site-directed mutagenesis was used to 

generate the mutant DmATLK51A.To generate a GFP-SEY1 fusion protein, SEY1 was cloned into 

the pET28b vector engineered with an N-terminal streptavidin binding protein (SBP) tag 

followed by a tobacco etch virus (TEV) protease cleavage site and super-folder GFP. S. 

cerevisiae (Sc) YOP1 (NM_001184125.1) and ScRTN1 (NM_001180541.3) were both cloned 

into the pRS426 vector with a Gal1 promoter and a CYC1 terminator. The vector also contains a 

N-terminal His14 tag and a TEV protease cleavage site. Both genes are tagged with a C-terminal 

sortase sequence. D. melanogaster reticulon-like1 (Rtnl1; NM_001169405), X. laevis REEP4 

(codon optimized for E. coli; NM_001093429), and X. laevis REEP5 (NM_001096221.1) were 

cloned into the NdeI and XhoI restriction sites of a modified pET21b vector that included a C-

terminal 3C protease site followed by a His10 tag. The D. melanogaster REEP homolog CG8331 

(AY069293.1) was cloned into the pFastBac1 vector with a TEV protease site and a (SBP) tag at 

the C-terminus. 

2.5.2 Protein expression and purification 

ScYop1p and ScRtn1p were expressed and purified as C-terminal sortase fusion proteins 

in S. cerevisiae. Cells were first grown in synthetic complete media selecting for the appropriate 

plasmid to stationary phase to deplete glucose at 30 °C. Galactose was then added to 2% to 

induce the expression of the proteins at room temperature for 16 hrs. Cells were collected, 

washed once in water and resuspended in lysis buffer (20 mM Tris pH 7.5, 300 mM NaCl, 10% 
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glycerol, 20 mM imidazole, 1 mM phenylmethylsulfonyl fluoride (PMSF) and protease 

inhibitors). Cells were lysed in a bead beater for 30 min at 4 °C. The lysate was centrifuged at 

low speed to clear cellular debris and unbroken cells and then at 100,000 g for 1 hr to sediment 

the membranes. Membranes were washed twice with lysis buffer and then solubilized in lysis 

buffer containing 1% n-dodecyl-b-maltoside (DDM) for 1 hr at 4 °C. Insoluble material was 

removed by centrifugation at 100,000 g for 1 hr and the resulting supernatant was incubated with 

Ni-NTA resin (Qiagen) for 1-2 hrs. Proteins were eluted using lysis buffer containing 250 mM 

imidazole and 0.03% DDM and incubated with TEV protease overnight at 4 °C to remove the 

His14 tag. Proteins were further purified by size-exclusion chromatography on a Superdex200 

column (GE Healthcare) and concentrated by ultrafiltration (Amicon Ultra, EMD Millipore). 

Absorbance at 280 nm was used to determine concentrations of the proteins purified using DDM.  

D. melanogaster ATL, S. cerevisiae Sey1p, GFP-Sey1p, D. melanogaster Rtnl1, X. laevis 

REEP4, and X. laevis REEP5 were expressed in E. coli BL21-CodonPlus (DE3)-RIPL (Agilent). 

Expression was induced at OD600 ~ 0.6-1.0 with 250 µM isopropyl-β-D-thiogalactopyranoside 

(IPTG) at 16 °C for 16-18 hrs. The lysis buffer used for GFP-Sey1p did not contain glycerol, 

which interferes with the binding of SBP tag to the streptavidin agarose resin. Cells were lysed 

either by sonication or through high-pressure homogenization in an M-110P microfluidizer 

(Microfluidics). The subsequent purification steps were similar to what was described for 

ScYop1p and ScRtn1p purification with some minor differences. Membranes were washed once 

with buffer and then solubilized for 1 hr with 1% DDM, except for DmATL, which was 

solubilized with 1% Triton X-100 (TX-100). The clarified supernatant was passed over the 

appropriate affinity-resin for 1-2 hrs to bind the tagged protein—Ni-NTA resin in the case of 

REEP4, REEP5, and DmRtnl1; glutathione agarose in the case of Sey1p and DmATL; 
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streptavidin agarose resin in the case of GFP-Sey1p. The proteins were eluted from the affinity-

resin by on-column cleavage of the affinity tags. 3C protease was used to cut off all tags except 

in the case of Sey1p and GFP-Sey1p, for which thrombin and TEV protease was used, 

respectively. All proteins were further purified by size-exclusion chromatography. For DmATL, 

which was purified in TX-100, protein concentration was measured using a 660 nm Protein 

Assay (Thermo Scientific Pierce).  

 The pFastBac1 vector containing the CG8331-SBP gene was first transformed into 

DH10Bac cells to obtain the recombinant bacmid. The isolated bacmid was used to infect Sf9 

insect cells and P0 virus was collected after 4-5 days. The viral stock was amplified to the P3 

virus stage. The expression of the fusion protein was examined after each amplification step by 

immunostaining the infected Sf9 cells with a SBP antibody (Millipore). The P3 virus was used to 

infect 500 ml of Sf9 insect cells and cells were collected 48 hrs post-infection at 1,000 g for 10 

min. Cells were broken by passing them through a dounce homogenizer fifty times and the 

homogenate was centrifuged at 5,000 rpm for 15 min to remove unbroken cells and debris. The 

subsequent purification steps were performed in TX-100 and the SBP tag was removed by on-

column TEV cleavage, as described above.   

2.5.3 Labeling of S. cerevisiae Yop1p with Alexa Fluor 647 dye 

Purified ScYop1p was mixed with Alexa Fluor 647 NHS ester dye (Thermo Fischer 

Scientific) at a 1:1 protein:dye molar ratio and incubated at room temperature for 1 hr. The 

labeling reaction was quenched by addition of 100 mM Tris pH 8.0. After an incubation of 1 hr 

at 4 °C, excess dye was removed by passing the sample over Sephadex G-50 resin (GE 

healthcare). The labeled protein was collected and concentrated by ultrafiltration using a 50,000 

MW cut-off filter (Amicon Ultra, EMD Millipore). The labeling efficiency was ~50%, as 



	   34	  

calculated by comparing the absorbance of the protein at 280 nm and the absorbance of the dye 

using the pre-configured "Proteins & Labels" function on a Nano Drop 2000c Spectrophotometer 

(Thermo Scientific). 

2.5.4 Preparation of liposomes  

All lipids were obtained as chloroform stocks from Avanti Polar Lipids.  For fusion 

assays, donor and acceptor liposomes had a lipid composition as described previously (Faust et 

al., 2015) with minor modification. Donor liposomes consisted of 65:17:15:1.5:1.5 mole percent 

of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC): 1,2-dioleoyl-sn-glycero-3-

phosphoethanolamine (DOPE): 1,2-dio-leoyl-sn-glycero-3-phosphoserine (DOPS): NBD-1,2-

dipalmitoyl-sn-glycero-3-phosphoethanolamine (NBD-DPPE): rhodamine-DPPE. Acceptor 

liposomes consisted of 65:18.5:15:1.5 mole percent of POPC:DOPE:DOPS:dansyl-DPPE. For 

confocal fluorescence microscopy experiments, synthetic liposomes consisting of 65:18.5:15:1.5 

mole percent of POPC:DOPE:DOPS: 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-

[lissamine rhodamine B sulfonyl] (Rh-PE), or E. coli extract liposomes consisting of 98.5:1.5 

mole percent of E. coli Polar Lipid Extract:Rh-PE, or S. cerevisiae extract liposomes consisting 

of 98.5:1.5 mole percent Yeast Polar Lipid Extract (S. cerevisiae):Rh-PE were used. For electron 

microscopy experiments, liposomes consisting of 60:33.4:6.6 mole percent of 1,2-dioleoyl-sn-

glycero-3-phosphocholine (DOPC):DOPE:DOPS were used. 

All chloroform lipid mixtures were first dried under a nitrogen stream and then under 

vacuum overnight to yield a thin lipid film. These lipid films were hydrated in A100 buffer (25 

mM HEPES, pH 7.5, 100 mM KCl, 10% glycerol, 1 mM EDTA, 2 mM b-mercaptoethanol) and 

subjected to 10 freeze-thaw cycles in liquid N2 and water at room temperature. For the fusion 

assay and confocal fluorescence microscopy experiments, liposomes were extruded 21 times 
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through polycarbonate filters of 100 nm pore size using a mini-extruder (Avanti Polar Lipids) at 

room temperature. For the EM experiments, the liposomes were used without extrusion. 

2.5.5 Reconstitution of protein into liposomes 

Detergent-mediated reconstitution was used to integrate all proteins into liposomes as 

previously described (Bian et al., 2011; Orso et al., 2009; Rigaud and Levy, 2003). Briefly, 

liposomes and protein were incubated together at the desired protein:lipid ratio in A100 buffer. 

This mixture was supplemented with DDM such that the final estimated detergent concentration 

was ~0.1%. The mixture was incubated at room temperature for 30 min. The detergent was then 

removed by four successive additions Bio-Beads SM-2 Resin (Bio-Rad) over the course of 4 hrs. 

Insoluble aggregates were removed by centrifugation. To examine the reconstitution efficiency, 

an aliquot was floated in a 0-40% w/v Nycodenz step-gradient and fractions were collected and 

analyzed by SDS-PAGE. To determine the orientation of proteins inserted into liposomes, equal 

volumes (5 µl) of proteoliposomes were incubated with a decreasing amounts of trypsin (0.2, 

0.04, 0.008 and 0.0016 µg) in the absence or presence of 0.2% Triton-X 100 for 30 min at room 

temperature. Reactions were stopped by PMSF and SDS-containing protein loading dye, and 

analyzed by SDS-PAGE. 

2.5.6 Lipid-mixing fusion assay 

Fusion assays were performed as previously described (Bian et al., 2011) with the 

modifications of the lipid compositions of donor and acceptor liposomes described above. 

Briefly, Sey1p and Yop1p were reconstituted at the indicated protein:lipid ratios into donor and 

acceptor liposomes in the presence of A100 buffer containing 0.1% DDM at room temperature. 

Donor vesicles contained NBD-PE and rhodamine-PE. After detergent removal by Bio-Beads 

SM-2 Resin (Bio-Rad), samples were spun once to remove insoluble material. Lipid 
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concentration was determined based on rhodamine or dansyl fluorescence. Donor and acceptor 

liposomes were mixed in a 1:3 ratio in the presence of A100 buffer containing 5 mM MgCl2. 

Data were subsequently collected every minute using a Flexstation III (Molecular Devices) at 37 

°C. Pre-fusion data were collected during the first 10 min. The average of the pre-fusion data was 

set as the baseline fluorescence value. Buffer or 1 mM GTP was added to the reactions and the 

dequenching of NBD fluorescence data caused by the fusion of donor and acceptor vesicles was 

followed for 40 min. Triton-X 100 was then added to a final concentration of 2.5% and the 

reactions further incubated for 10 min to determine maximum fluorescence. The difference 

between the average of the maximum fluorescence data and the baseline value is defined as 

“total fluorescence”. The difference between the fusion data and the baseline value was then 

expressed as the percentage of the total fluorescence. 

2.5.7 Imaging of reconstituted networks by confocal fluorescence microscopy  

To test for network formation, a proteoliposome solution was supplemented with 5 mM 

MgCl2 prior to addition of any nucleotide. Then, either 2 mM GTP, 2 mM GTPγS, or A100 

buffer was added to the proteoliposome solution and the reaction was incubated for 1-2 min at 

room temperature. Three µl of sample was placed between two PEG-passivated No. 1.5 

coverslips, which were mounted onto a metal slide and sealed with VALAP (1:1:1 mixture of 

vaseline, lanolin and paraffin). The coverslips were passivated with 5,000 MW polyethylene 

glycol (PEG) as previously described (Wang et al., 2013). After mounting, the samples were 

incubated at room temperature for 10-20 min prior to imaging. All fluorescence microscopy 

samples were visualized using a spinning disk confocal head (CSU-X1; Yokogawa Corporation 

of America) with Borealis modification (Spectral Applied Research) and a quad bandpass 

405/491/561/642 dichroic mirror (Semrock). The confocal was mounted on a Ti motorized 
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inverted microscope (Nikon) equipped with a 60× Plan Apo NA 1.4 oil immersion objective or a 

40x Plan Fluor NA 1.3 oil immersion objective and the Perfect Focus System for continuous 

maintenance of focus (Nikon). Green fluorescence images were collected using a 488-nm solid-

state laser, controlled with an AOTF (Spectral Applied Research) and ET525/50 emission filter 

(Chroma Technology Corp.). Red fluorescence images were collected using a 561-nm solid-state 

laser controlled with an AOTF and ET620/60 emission filter. Far-red fluorescence images were 

collected using a 642-nm solid-state laser controlled with an AOTF and ET700/75 emission 

filter. The laser lines are combined in an LMM5 laser merge module (Spectral). All images were 

acquired with a cooled CCD camera (ORCA R2; Hamamatsu Photonics) controlled with 

MetaMorph software (version 7.0; Molecular Devices) and archived using ImageJ (National 

Institutes of Health). In some cases, linear adjustments were applied to enhance the contrast of 

images. 

For network disassembly, reconstituted networks were first formed using GTP and 

spotted onto a passivated coverslip. GTPγS at the desired concentration was added to the 

solution on the coverslip immediately prior to sandwich-sealing the sample with VALAP and 

imaging. The time between GTPgS addition and taking the first image was about 1.5 min. 

2.5.8 Imaging of reconstituted networks by negative-stain electron microscopy 

For negative stain electron microscopy analysis, samples were prepared as previously 

described (Hu et al., 2008). Briefly, 5 µl of proteoliposome solution was mixed with 7.5 µl of 

buffer A100 supplemented with 5 mM MgCl2. Buffer or 1 mM GTP were then added and the 

reactions incubated for 20 min at room temperature. Subsequently, 0.5 µl of sample was mixed 

with 4.5 µl of buffer A100 and added to a glow-discharged carbon-coated copper grid (Pelco, 

Ted Pella Inc.) for 1 min. Excess sample was then blotted off with filter paper, the grids washed 
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twice with deionized water, and then stained twice with freshly prepared 1% uranyl acetate. 

Images were collected at room temperature using a conventional transmission electron 

microscope JEOL 1200EX equipped with a Tungsten filament and operated at an acceleration 

voltage of 80 kV. All images were acquired using an AMT 2kCCD camera.  

2.5.9 ER network formation with Xenopus egg extracts 

The interphase ER network was formed using the crude Xenopus egg extracts as 

described previously (Wang et al., 2013). The network was stained with DiOC18 and visualized 

by a spinning-disk confocal microscope.  

2.5.10 Representative images 

Images shown are representative of all images collected. For Figure 2.1, images are 

representative of A, 98 (left) and 108 (right), B, 15, C, 108 D, 30 E, 10, F, 30 total images 

captured. For Figure 2.2, images are representative of A, 18 (left) and 30 (right), B, total 36 

images captured. For Figure 2.3, Images are representative of A, 21 (left) and 25 (right), B, 7 

(left) and 17 (right), C, 12 (left) and 15 (right), D, 78 (left) and 52 (right), E, 10 (left) and 10 

(right), F, 9 (left) and 23 (right), G, 5 (left) and 20 (right) total images captured. For Figure 2.4, 

images are representative of A, 20, B, 23, C, 21, D, 27, E, 15, F, 20, G, 20, H, 18, I, 32 total 

images captured. For Figure A.5, images are representative of 108 total images captured. For 

Figure A.6, images are representative of A, 11 (left) and 10 (right), B, 15 and C, 10 total images 

captured. For Figure A.7, images are representative of A, 15 (left) and 25 (right), B, 13 (left) and 

20 (right) total images captured. For Figure A.8, images are representative of A, 10 (left) and 25 

(right), B, 12 (left) and 34 (right) total images captured. For Figure A.9, images are 

representative of A, 25, B, 17 C, 17 D, 6 (left) and 12 (right), E, 5 (left) and 6 (right) total 
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images captured. For Figure A.10, images are representative of A, 18, B, 10, C, 14, D, 17, E, 13, 

F, 11, G, 12, H, 10 total images captured. 
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3 
Towards a structure of a curvature-

stabilizing protein of the tubular ER network 
 

3.1 Abstract  

 The reticulon and Yop1/REEP proteins generate and stabilize positive membrane 

curvature within the tubular endoplasmic reticulum network. These integral membrane proteins 

contain wedge-shaped transmembrane domains, which force the outer membrane leaflet to 

expand, as well as a C-terminal amphipathic helix—two characteristics that are believed to 

induce membrane curvature. However, a lack of an atomic-resolution structure of any of these 

proteins has left their exact mechanism of curvature generation and stabilization unknown. 

Unfortunately, given their small size and lack of hydrophilic surfaces, the reticulons and 

Yop1/REEP proteins represent a difficult target for structural studies. To this end, I sought to use 

new tools that have been adapted for membrane protein crystallization to attempt to obtain a 

structure of REEP5. These tools included lipidic cubic phase crystallization (LCP) techniques, as 

well as nanobody-aided crystallization. While initial LCP crystallization experiments failed to 
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yield any crystals, I successfully isolated a large number of nanobodies that bind to REEP5 with 

high affinity using an in vitro yeast display system. These nanobodies will be useful in future 

crystallization as well as in vitro biochemical experiments aimed at understanding REEP5 

function.  

3.2 Introduction  

Despite the overwhelming in vivo and in vitro evidence that the reticulon and 

Yop1/REEP proteins stabilize high curvature (Hu et al., 2008; Voeltz et al., 2006; Westrate et al., 

2015), how this stabilization is actually accomplished at the molecular level is still not 

completely understood. The reticulon and Yop1/REEP proteins are characterized by two 

extended hydrophobic segments, approximately 35 amino acids in length (Hu et al., 2008; Voeltz 

et al., 2006). This domain, known in the reticulon proteins as the reticulon homology domain 

(RHD), has been proposed to constitute hydrophobic hairpins that fail to traverse the membrane 

completely and that form a wedge-like structure (Hu et al., 2008; Shibata et al., 2010; Figure 

3.1). This wedge would cause expansion of the outer leaflet of the membrane, leading to the 

generation of positive curvature (Hu et al., 2011). However, recent NMR experiments have 

suggested that there are enough hydrophobic and helical residues to span the membrane four 

times (Brady et al., 2015). Furthermore, a conserved C-terminal amphipathic helix has also been 

identified as necessary for the generation and stabilization of curvature by reticulon and 

Yop1/REEP proteins (Brady et al., 2015; Breeze et al., 2016). Finally, the reticulon and 

Yop1/REEP are known to form higher-order oligomers (Hu et al., 2008; Shibata et al., 2008). 

These oligomers could potentially create arc-like scaffolds that function to curve the membrane 

(Hu et al., 2011).  
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 Clearly, there is a lack of structural information about these proteins that prevents an 

understanding of the mechanism by which they generate membrane curvature. Unfortunately, the 

relatively small size of these proteins (~20-50 kDa) demands an x-ray crystallographic approach 

to obtaining high-resolution structural information. Given the nature of these membrane proteins, 

particularly the lack of a large cytosolic or luminal domain, obtaining a crystal is difficult. To 

help overcome these challenges and begin to work towards solving a crystal structure, I sought to 

use new tools available for membrane protein crystallography. These tools included the use of 

lipidic cubic phase crystallization (LCP) techniques (Cherezov, 2011), as well as nanobody-

aided crystallization. 

 LCP is a lipidic mesophase into which integral membrane proteins can be directly 

reconstituted for crystallization (Cherezov, 2011). LCP provides a membrane-like environment 

that can help to stabilize otherwise difficult membrane proteins. Furthermore, since reconstituted 

protein is free to diffuse within the membrane, type I crystal packing can occur, creating contacts 

between both the hydrophilic and the hydrophobic portions of the protein, leading to superior 

crystal order and diffraction (Ishchenko et al., 2017). The most common lipids used for LCP are 

monoacylglycerols (MAGs) that consist of a hydrophilic glycerol headgroup linked to a 

	  
 
Figure 3.1 Sequence alignment of REEP5 constructs used for crystallization 
Sequence alignment of X. laevis, T. terrestris, and T. thermophila REEP5 proteins. Boxes indicate specific 
sequence features including the two transmembrane hairpin domains and the C-terminal amphipathic helix.  
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hydrophobic monounsaturated fatty acid chain (Ishchenko et al., 2017). Monoolein has proved 

the most successful MAG for LCP crystallization. While MAGs are not typically found in 

native membranes, MAGs can be doped with native lipids, including phospholipids, to further 

help stabilize membrane proteins for crystallization (Ishchenko et al., 2017).  

LCP has been successfully used to determine the crystal structures of several different 

classes of membrane proteins that previously proved recalcitrant to crystallization using 

traditional methods (Cherezov, 2011; Ishchenko et al., 2017). Most famously, this has included 

the GPCR family of membrane proteins (reviewed in Ishchenko et al., 2017; Xiang et al., 2016; 

Yin et al., 2014). LCP has also been used to determine the structure of a tetraspanin (Zimmerman 

et al., 2016), a member of a class of proteins that are topologically reminiscent of the reticulon 

and Yop1/REEP proteins.   

Nanobodies have been used to stabilize and increase the available packing surface of 

various membrane proteins, aiding in their crystallization (Geertsma et al., 2015; Hassaine et al., 

2014; Li et al., 2016; Rasmussen et al., 2011a, 2011b; Smirnova et al., 2014). Conventional 

antibodies comprise two heavy chains and two light chains. Present within each chain is a 

variable domain (VH, heavy chain and VL, light chain) that determines the binding specificity of 

the antibody. However, the antibodies in camelids comprise only of heavy chains. The antigen 

specificity of camelid antibodies is determined by a single variable domain called the VHH 

(Hamers-Casterman et al., 1993; McMahon et al., 2018; Muyldermans, 2013). Single, isolated 

VHH domains can be easily expressed and purified from E coli, making them an attractive tool for 

both biochemistry and clinical applications (McMahon et al., 2018; Muyldermans, 2013). 

Typically, to obtain a nanobody specific towards a particular target protein, it was necessary 

immunize camelid species—a time consuming and expensive endeavor.  Excitingly, McMahon 
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et al. have recently developed a yeast library that displays upwards of 108 unique nanobodies and 

an accompanying protocol that allows for the enrichment of nanobodies against protein targets in 

vitro using standard cell sorting techniques (McMahon et al., 2018). Each nanobody contains a 

constant scaffold and three variable loops (CDR1, CDR2, and CDR3) that create specificity in 

target binding. McMahon et al. (2018) demonstrated that the library can be used to isolate 

conformational-specific nanobodies with high binding affinity to both soluble and membrane 

protein targets.  

 Informed by my network reconstitution experiments, I decided to pursue Xenopus laevis 

REEP5 as a target for crystallization based on its superior behavior during protein purification 

and network formation. In this chapter, I detail my initial experiments towards obtaining a 

structure of REEP5. These experiments include isolating nanobodies that bind to REEP5 with 

high affinity and using these nanobodies in preliminary LCP and vapor diffusion experiments. 

Furthermore, I also demonstrate that REEP5 homologues derived from thermophilic yeast 

species can be obtained from E. coli in large amounts with high purity. Informed by my 

experiences with X. laevis REEP5, I also isolated nanobodies that bind to these thermophilic 

homologues with high affinity, and demonstrated that particular sets of these nanobodies can 

bind simultaneously to REEP5. These nanobodies will undoubtedly prove useful in future 

crystallographic and biochemical experiments.  

3.3 Results 

3.3.1 Isolating nanobodies that bind to Xenopus laevis REEP5 

To isolate nanobodies that specifically bind to X. laevis REEP5 using the yeast display 

protocol of McMahon et al. (2018), I first generated fluorescently labeled X. laevis REEP5.  I 

labeled two aliquots of X. laevis REEP5, which was solubilized using the detergent n-Dodecyl-β-



	   45	  

D-Maltoside (DDM) and purified using a C-terminal HIS10 tag. One aliquot was labeled using an 

N-Hydroxysuccinimide (NHS) conjugated Alexa 647 fluorophore (REEP5647) and the other 

aliquot was labeled with an NHS conjugated Fluorescein isothiocyanate (FITC) fluorophore 

(REEP5FITC). The NHS conjugated fluorophores can label REEP5 at the nineteen lysine residues 

present along the length of the protein. 

 Using REEP5647 and REEP5FITC, I performed two consecutive rounds of magnetic 

activated cell sorting (MACS) with magnetic beads conjugated to antibodies against each 

fluorophore. To reduce potential enrichment of nanobodies directed against Alexa-647, I 

preformed the initial selection using 1 µM of REEP5FITC, followed by a subsequent selection 

using 1 µM REEP5647.  

Unfortunately, after these two rounds of selection, fluorescent flow cytometry analysis 

revealed a high level of nonspecific binding between REEP5 and yeast cells that were not 

expressing nanobodies on the cell surface (Figure 3.2A).  Further control experiments revealed a 

nonspecific interaction between uninduced yeast cells and REEP5FITC (Figures 3.2B,C). This 

nonspecific binding makes it impossible to enrich yeast cells expressing nanobodies that bind 

	  
Figure 3.2 X. laevis REEP5FITC nonspecifically binds to yeast cells 
Fluorescent flow cytometry analysis of (A) induced yeast stained with a Alexa 647-labeled anti-HA antibody 
(anti-HA647)  and a FITC-labeled X. laevis REEP5 (REEP5FITC), (B) unstained, uninduced yeast, and (C) 
uninduced yeast stained with REEP5FITC.  
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specifically to X. laevis REEP5. This nonspecific interaction was not observed for REEP5-647. 

At the same time, I began to test the purification of REEP5 using the detergent Lauryl 

Maltose Neopentyl Glycol (LMNG). LMNG has an extremely low critical micelle concentration 

(CMC), which makes it useful for LCP experiments, as too much detergent can prevent 

successful reconstitution of protein into LCP. More generally, LMNG and other neopentyl glycol 

detergents have also been shown to improve the purification and stability of particular membrane 

proteins (Sadaf et al., 2015). Furthermore, I also started to test the purification of a X. laevis 

REEP5 construct with a C-terminal streptavidin binding protein (SBP) tag preceded by a TEV 

cleavage site (REEP5-SBP) to try to improve the overall purity and yield of the prep. 

My tests demonstrated that I could solubilize and purify REEP5-SBP using LMNG 

(REEP5LMNG) (Figure 3.3). I further incorporated an ATP wash that helped to remove 

contaminating chaperones. I was able to elute the REEP5-SBP one of two ways: 1) by adding 

biotin to the streptavidin column and then adding TEV protease to remove the tag or 2) cleaving 

the protein off the column by overnight incubation with TEV protease. The protease, which 

contains a HIS-tag, can then be removed using Ni2+ resin.  

 I then generated a fluorescently labeled REEP5LMNG by labeling the purified protein with 

NHS-FITC (REEP5LMNG -FITC). Surprisingly, unlike REEP5FITC purified using DDM, 

REEP5LMNG -FITC did not nonspecifically bind to uninduced yeast (Figure 3.4). Therefore, I 

restarted the nanobody isolation using REEP5LMNG-FITC and REEP5647.  I performed an initial 

round of MACS using 1 µM REEP5LMNG -FITC followed by a second round of MACS using 0.5 

µM REEP5647.   
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Figure 3.3 Purification of LMNG-solubilized X. laevis REEP5-SBP using LMNG 
SDS-PAGE analysis of streptavidin-affinity purification of X. laevis REEP5-SBP solubilized in 
LMNG. His-tagged TEV was used to cleave REEP5 off the streptavidin column and then was 
subsequently removed using Ni-NTA resin.  
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 However, after these two rounds of MACS, fluorescent flow cytometry analysis using 

both REEP5LMNG -FITC and REEP5647 revealed appreciable binding only to REEP5647 (Figures 

3.5A,B). This was concerning due to the observation that the nanobodies within the yeast library 

have a natural proclivity for binding to Alexa fluorophores (A. Kruse, personal communication). 

To further test whether I had enriched nanobodies that were specifically binding to X. laevis 

REEP5, I purified REEP5-SBP using LMNG, but did not cleave off the tag (REEP5LMNG-SBP).  

I labeled this protein by incubating it with Phycoerythrin (PE)-labeled streptavidin.  Using 

fluorescent flow cytometry, I was able to observe binding of induced yeast to this labeled 

protein, indicating that I had enriched nanobodies specific to X. laevis REEP5 (Figure  3.5C). 

The lack of signal for REEP5LMNG-FITC binding could have been due to the relatively low 

brightness of the FITC dye.  

  

	  
Figure 3.4  REEP5LMNG-FITC does not nonspecifically bind to yeast cells 
Fluorescent flow cytometry analysis of (A) uninduced yeast and (B) uninduced yeast stained 
with REEP5LMNG-FITC demonstrates that REEP5LMNG-FITC does not bind to uninduced yeast.  
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 To ensure enrichment of REEP5 specific nanobodies and to try to eliminate any Alexa-

binding nanobodies, I performed a third MACS round using 0.1 µM REEP5LMNG-SBP and 

streptavidin magnetic beads. Fluorescent flow cytometry analysis after this round of MACS 

revealed robust binding of X. laevis REEP5 to induced yeast (Figure 3.6).  

 I then performed two rounds of fluorescence-activated cell sorting (FACS) to further 

enrich the nanobodies that bound with high affinity to REEP5. In the first FACS round, I stained 

induced yeast with a fluorescent anti-HA antibody (to visualize nanobody expression), 0.01 µM 

REEP5LMNG-SBP labeled with PE-streptavidin, and a cytosolic fragment of D. melanogaster 

atlastin labeled using NHS-Alexa 647. By triple staining the yeast, I was able to perform a 

negative selection against Alexa 647 as another means of avoiding nanobodies that potentially 

bound to the Alexa dye. I collected only the yeast that showed the strongest HA and 

REEP5LMNG-SBP staining and that did not display Alexa 647 staining.  

In the second round of FACS, I stained the yeast with a fluorescent HA antibody and 

REEP5LMNG-SBP labeled with PE-streptavidin, collecting the yeast with the strongest staining in 

both channels, and sorting single cells into a 96-well plate. I then performed yeast colony PCR  

	  
Figure 3.5 Fluorescent flow cytometry results after 2nd MACS round for X. laevis REEP5 
Induced yeast cells were stained with a combination of either (A) a Alexa 488-labeled anti-HA antibody (anti-
HA488) and Alexa 647-labeled X. laevis REEP5 (REEP5647), (B) a Alexa 647-labeled anti-HA antibody (anti-
HA647)  and X. laevis REEP5LMNG-FITC, or (C) anti-HA647 and X. laevis REEP5-SBP stained with PE-labeled 
streptavidin (PE-strep), and analyzed using fluorescent flow cytometry.  
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for each well in the 96-well plate to obtain the sequences of the enriched nanobodies. I identified 

5 unique sequences (Nb01-Nb05) (Figure 3.7), which I subsequently cloned into the pet26 

plasmid for periplasmic expression in E. coli and purification via a HIS-tag.  

3.3.2 Solution binding tests of nanobodies isolated against X. laevis REEP5 

To test whether the isolated nanobodies could bind to X. laevis REEP5 with high affinity 

in solution, I performed small-scale expression tests for NB01-NB05. Briefly, E. coli cells 

expressing the nanobodies were osmotically shocked to break open the periplasm and release the 

nanobody into solution. After removing cellular debris, the periplasmic solution was applied to 

	  
Figure 3.6 Fluorescent flow cytometry results after 3rd MACS round for X. laevis REEP5 
Induced yeast cells were stained with a combination of either (A) a Alexa 647-labeled anti-HA antibody (anti-
HA647) and X. laevis REEP5-SBP stained with PE-labeled streptavidin (PE-strep) or (B) a Alexa 488-labeled 
anti-HA antibody (anti-HA488) and Alexa 647-labeled X. laevis REEP5 (REEP5647). During staining, a final 
concentration of 0.01 µM REEP5 was used. 
	  

	  
Figure 3.7 Sequence alignment of nanobodies isolated against X. laevis REEP5 
Sequence alignment of CDR1 (left), CDR2 (middle), and CDR3 (right) of nanobodies isolated against X. laevis 
REEP5. 
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Ni2+ resin. The Ni2+ resin was extensively washed with high salt buffer and the nanobodies were 

eluted using a high imidazole buffer. Unfortunately, NB03 and NB04 were recalcitrant to 

purification, as the two proteins precipitated on the Ni2+ resin after addition of imidazole (Figure 

3.8). I was able to obtain large amounts of NB01, NB02, and NB05.  I performed small-scale 

binding experiments by incubating purified, LMNG-solubilized X. laevis REEP5 with a 5 molar 

excess of NB01, NB02, or NB05. The REEP5-nanobody mixture was then analyzed using 

analytical size exclusion chromatography (SEC) and SDS-PAGE. While NB01 did not co-elute 

with X. laevis REEP5 (Figure 3.9), NB02 (Figure 3.10) and NB05 (Figure 3.11) displayed strong 

binding.  

 

 

	  
Figure 3.8 NB03 and NB04 are recalcitrant to purification from E. coli 
SDS-PAGE analysis of a test purification of NB03 and NB04 from E. coli.   
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Figure 3.9 NB01 does not bind to X. laevis REEP5 in solution 
A) Chromatogram of analytical SEC using a Superdex200 column to test the binding of NB01 to X. laevis 
REEP5. The first peak (highlighted) was analyzed using SDS-PAGE  analysis (B) to determine if NB01 co-
eluted with X. laevis REEP5 during analytical SEC, indicating binding of the nanobody to REEP5. 
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Figure 3.10 NB02 binds to X. laevis REEP5 in solution with high affinity 
A) Chromatogram of analytical SEC using a Superdex200 column to test the 
binding of NB02 to X. laevis REEP5. The first peak (highlighted) was analyzed 
using SDS-PAGE  analysis (B) to determine if NB02 co-eluted with X. laevis 
REEP5 during analytical SEC, indicating binding of the nanobody to REEP5. 
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Figure 3.11 NB05 binds to X. laevis REEP5 in solution with high affinity 
A) Chromatogram of analytical SEC using a Superdex200 column to test the 
binding of NB05 to X. laevis REEP5. The first peak (highlighted) was analyzed 
using SDS-PAGE analysis (B) to determine if NB05 co-eluted with X. laevis 
REEP5 during analytical SEC, indicating binding of the nanobody to REEP5. 
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3.3.3 Preliminary crystallization experiments with X. laevis REEP5 

Given these positive results, I scaled up the purification of the NB02-REEP5 complex 

and the NB05-REEP5 complex to obtain protein amounts suitable for crystallographic trials. I 

purified the nanobodies and REEP5 separately using affinity chromatography and then incubated 

the two proteins together prior to final SEC purification (Figures 3.12 and 3.13). After SEC, I 

concentrated the purified nanobody-REEP5 complexes to ~40 mg/ml and mixed the protein with 

monoolein to reconstitute the complex into LCP. I then prepared a large number of LCP 

crystallization experiment using sparse matrix screens. I also preformed vapor diffusion 

crystallization experiments with the detergent solubilized complexes. Unfortunately, these 

crystallization trials have yet to produced any protein crystals.  

 

  

	  
 
Figure 3.12 Large-scale purification of NB02-X. laevis REEP5 complex for crystallography 
A) Chromatogram and B) SDS-PAGE analysis of the SEC purification using a Superdex200 column of the 
NB02-X. laevis REEP5 complex for crystallography. REEP5 was solubilized in LMNG, affinity purified, and 
incubated with a ~5 molar excess of NB02 prior to SEC purification.  
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Figure 3.13 Large-scale purification of NB05-X. laevis REEP5 complex for crystallography 
A) Chromatogram and B) SDS-PAGE analysis of the SEC purification using a Superdex200 column of the 
NB05-X. laevis REEP5 complex for crystallography. REEP5 was solubilized in LMNG, affinity purified, and 
incubated with a ~5 molar excess of NB05 prior to SEC purification.  
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3.3.4 Purification of thermophilic REEP5 constructs 

In addition to my experiments with Xenopus laevis REEP5, I also sought to produce 

REEP5 proteins derived from thermophilic organisms with the aim of identifying a REEP5 

construct that could be purified in larger amounts, that was more suitable for in vitro 

manipulation, and more amenable to crystallization. To this end, I cloned REEP5 derived from 

the thermophilic yeasts Thielavia terrestris and Thermothelomyces thermophila (Figure 3.1) into 

suitable expression vectors for purification from E. coli. For both species I generated a construct 

with a C-terminal SBP-tag (REEP5-SBP) and a construct with a C-terminal FLAG tag (REEP5-

FLAG). In both cases, the affinity tags were preceded by a 3C protease cleavage site to allow for 

removal of the tag prior to crystallization. 

 Following the same purification protocols as used for X. laevis REEP5, I performed 

small-scale expression tests of T. terrestris and T. thermophila REEP5. These tests revealed that 

T. terrestris REEP5-SBP and T. thermophila REEP5-SBP could both be solubilized and purified 

from E. coli using LMNG. Accordingly, I scaled up purification of both the SBP and FLAG-

tagged constructs for both species. I first purified the SBP and FLAG constructs without cleaving 

the tags to use for the isolation of nanobodies (Figures 3.14-3.17). I then purified aliquots of the 

SBP-tagged constructs, with the tag cleaved, for crystallization trials. Both T. terrestris and T. 

thermophila REEP5 were concentrated to ~40 mg/ml and mixed with monoolein to reconstitute 

the proteins into LCP. I performed extensive sparse matrix screening for suitable crystallization 

conditions, including screens designed specifically for use with LCP. Unfortunately, I was 

unable to obtain any crystals, which motivated me to isolate nanobodies against the thermophilic 

REEP5 proteins.  
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Figure 3.14 Purification of LMNG-solubilized T. terrestris REEP5-SBP 
A) SDS-PAGE analysis of the streptavidin-affinity purification of T. terrestris REEP5-SBP solubilized in 
LMNG. B) Chromatogram (top) and SDS-PAGE analysis (bottom) of the subsequent SEC purification of 
LMNG-solubilized T. terrestris REEP5-SBP using a Superdex200 column.  
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Figure 3.15 Purification of LMNG-solubilized T. thermophila REEP5-SBP 
Chromatogram (top) and SDS-PAGE analysis (bottom) from the SEC purification of T. thermophila REEP5-
SBP solubilized in LMNG using a Superdex200 column. 
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Figure 3.16 Purification of LMNG-solubilized T. terrestris REEP5-FLAG 
A) SDS-PAGE analysis of the FLAG-affinity purification of T. terrestris REEP5-FLAG solubilized in LMNG. 
B) Chromatogram (top) and SDS-PAGE analysis (bottom) of the subsequent SEC purification of LMNG-
solubilized T. terrestris REEP5-FLAG using a Superdex200 column. 
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Figure 3.17 Purification of LMNG-solubilized T. thermophila REEP5-FLAG 
A) SDS-PAGE analysis of the FLAG-affinity purification of T. thermophila REEP5-FLAG solubilized in 
LMNG. B) Chromatogram (top) and SDS-PAGE analysis (bottom) of the subsequent SEC purification of 
LMNG-solubilized T. thermophila REEP5-FLAG using a Superdex200 column. 
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3.3.5 Isolating nanobodies that bind to T. terrestris and T. thermophila REEP5 

To isolate nanobodies specific to T. terrestris and T. thermophila REEP5, I again used 

the yeast display library and protocol developed by McMahon et al. (2018). Informed by my 

experience with X. laevis REEP5, I decided to forgo using fluorescently labeled protein and 

instead use the REEP5-SBP and REEP5-FLAG constructs that I purified (see above). To enrich 

for more nanobodies, I also performed the selections at higher protein concentrations than I used 

during the enrichment of nanobodies against X. laevis REEP5.    

I performed an initial round of MACS using 1 µM of the SBP-tagged proteins and 

streptavidin magnetic beads followed by a second round of MACS using 1 µM of the FLAG-

tagged proteins and magnetic beads conjugated to an anti-FLAG antibody. Fluorescent flow 

cytometry after these two MACS rounds revealed a good enrichment of REEP5-binding 

nanobodies (Figure 3.18). I then performed two successive rounds of FACS. The first round was 

performed using a protein concentration of 0.5 µM while the second round was using a protein 

concentration of 0.1 µM. For both FACS rounds, I stained the induced yeast cells with an Alexa 

647-labeled anti-HA antibody and REEP5-SBP labeled with PE-streptavidin. For the second 

FACS round, I sorted single cells into 96 well plates for subsequent screening using colony PCR.  

I obtained 17 unique sequences for nanobodies selected against T. thermophila REEP5 

(Figure 3.19). None of the CDR sequences were repeated amongst the different nanobodies, and 

each well of the 96 well plate yielded only one nanobody sequence. The sequencing of 

nanobodies raised against T. Terrestris REEP5 proved more difficult as the sequencing results 

were consistently difficult to interpret. Although I eventually obtained 10 nanobody sequences, 

some nanobodies shared the same CDR sequences and the sequencing of individual wells 

yielded more than one nanobody sequence (Figure 3.20).  
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Figure 3.19 Sequence alignment of nanobodies isolated against T. thermophila REEP5 
Sequence alignment of CDR1 (left), CDR2 (middle), and CDR3 (right) of nanobodies isolated against T. 
thermophila REEP5. 
	  

	  
Figure 3.18 Fluorescent flow cytometry results after 2nd MACS round for thermophilic REEP5 constructs 
Induced yeast cells were stained with a Alexa 647-labeled anti-HA antibody (anti-HA647) and either (A) T. 
terrestris REEP5-SBP stained with PE-labeled streptavidin (PE-strep) or (B) T. thermophila REEP5-SBP stained 
with PE-strep. Cells were subsequently analyzed using fluorescent flow cytometry. During staining, a final 
concentration of 0.5 µM REEP5 was used.  
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3.3.6 Solution binding tests of T. terrestris and T. thermophila REEP5 nanobodies 

Following the cloning of the enriched nanobodies into a suitable expression vector for 

periplasmic expression in E. coli, I performed small-scale expression and purification tests that 

demonstrated that all of enriched nanobodies could be successfully expressed and purified. The 

overall purity along with the ability to be concentrated did vary slightly from nanobody to 

nanobody (Figures 3.21 and 3.22). To test whether the purified nanobodies could bind to their 

respective REEP5 targets in solution, I performed binding experiments using analytical SEC. 

Each nanobody was incubated with its respective REEP5 target at a ratio of 2:1, 

nanobody:REEP5, weight:weight. This roughly equates to a molar ratio of 3.5:1, 

nanobody:REEP5. The samples were then analyzed with analytical SEC. I used SDS-PAGE to 

determine whether the nanobody and the REEP5 target co-eluted during SEC.  

  

  

	  
Figure 3.20 Sequence alignment of nanobodies isolated against T. terrestris REEP5 
Sequence alignment of CDR1 (left), CDR2 (middle), and CDR3 (right) of nanobodies isolated against T. 
terrestris REEP5. 
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Figure 3.21 Expression and purification of nanobodies isolated against T. terrestris REEP5 
SDS-PAGE analysis of test expression and purification of nanobodies isolated against T. terrestris REEP5. 
	  

	  
 
Figure 3.22 Expression and purification of nanobodies isolated against T. thermophila REEP5 
SDS-PAGE analysis of test expression and purification of nanobodies isolated against T. thermophila REEP5. 
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I observed a large variability in the amount of nanobody that co-eluted with REEP5, both 

for the nanobodies isolated against T. terrestris REEP5 and T. thermophila REEP5. For some of 

the nanobodies, very little to no nanobody was observed to co-elute with REEP5, indicating the 

binding of the nanobody to REEP5 was not sufficiently strong enough to survive dilution during 

SEC (Figures 3.23 and 3.24).  However, for both REEP5 species, there was a subset of 

nanobodies that showed strong co-elution with REEP5 and therefore bind with high affinity 

(Figures 3.25 and 3.26). These nanobodies are the most suitable for use in crystallographic trials. 

I also tested whether the nanobodies that were raised against and bound with high affinity to T. 

thermophila REEP5 were able to bind to T. terrestris REEP5. I observed that a subset of the T. 

thermophila REEP5 nanobodies were able to bind to T. terrestris REEP5 with high affinity 

(Figure 3.27).  
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Figure 3.23 A subset of nanobodies isolated against T. thermophila REEP5 do not bind to REEP5 with 
high affinity in solution 
A) Chromatogram of analytical SEC using a Superdex200 to test the binding of nanobodies to T. thermophila 
REEP5. The first peak (highlighted) was analyzed using SDS-PAGE in panels B-J. SDS-PAGE analysis to 
determine if B) NB.A3.2, C) NB.A7.2, D) NB.A8.2, E) NB.C1.2, F) NB.D6.2, G) NB.D8.2, H) NB.F2.2, I) 
NB.F7.2, and J) NB.G8.2 co-eluted with T. thermophila REEP5 during analytical SEC. Magenta arrow indicates 
REEP5 and cyan arrow indicates nanobody. 
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Figure 3.24 A subset of nanobodies isolated against T. terrestris REEP5 do not bind to REEP5 with high 
affinity in solution 
A) Chromatogram of analytical SEC using a Superdex200 to test the binding of nanobodies to T. terrestris 
REEP5. The first peak (highlighted) was analyzed using SDS-PAGE in panels B-F. SDS-PAGE analysis to 
determine if B) NB.A7.1, C) NB.E8.1, D) NB.E5.1, E) NB.H6.1, and F) NB.H8.1 co-eluted with T. terrestris 
REEP5 during analytical SEC. Magenta arrow indicates REEP5 and cyan arrow indicates nanobody. 
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Figure 3.25 A subset of nanobodies isolated against T. thermophila REEP5 bind to REEP5 with high 
affinity in solution 
A) Chromatogram of analytical SEC using a Superdex200 column to test the binding of nanobodies to T. 
thermophila REEP5. The first peak (highlighted) was analyzed using SDS-PAGE in panels B-I. SDS-PAGE 
analysis to determine if B) NB.C2.2, C) NB.C5.2, D) NB.C9.2, E) NB.E5.2,  F) NB.E6.2, G) NB.E7.2, H) 
NB.F5.2, and I) NB.G6.2 co-eluted with T. thermophila REEP5 during analytical SEC. Magenta arrow indicates 
REEP5 and cyan arrow indicates nanobody. 
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Figure 3.26 A subset of nanobodies isolated against T. terrestris REEP5 bind to REEP5 with high 
affinity in solution 
A) Chromatogram of analytical SEC using a Superdex200 column to test the binding of nanobodies to 
T. terrestris REEP5. The first peak (highlighted) was analyzed using SDS-PAGE in panels B-F. SDS-
PAGE analysis to determine if B) NB.C12.1, C) NB.D10.1 D) NB.H2.1 E) NB.G4.1, and F) NB.G12.1 
co-eluted with T. terrestris REEP5 during analytical SEC, indicating binding of the nanobody to 
REEP5. Magenta arrow indicates REEP5 and cyan arrow indicates nanobody. 
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Figure 3.27 Nanobodies that bind to T. thermophila REEP5 also bind to T. terrestris REEP5  
A) Chromatogram of analytical SEC using a Superdex200 column to test if nanobodies isolated against T. 
thermophila REEP5 can bind to T. terrestris REEP5 the binding of nanobodies isolated against T. thermophila 
REEP5. The first peak (highlighted) was analyzed using SDS-PAGE in panel B-D. Magenta arrow indicates 
REEP5 and cyan arrow indicates nanobody. 
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3.3.7 Developing a nanobody co-binding assay  

To further increase the hydrophilic surface area available for crystal packing, it would be 

advantageous to simultaneously bind two different nanobodies to a single REEP5 protein, 

creating an NB1-NB2-REEP5 complex. The most beneficial arrangement might be to have one 

nanobody bind on the luminal side of REEP5 and the other nanobody to bind to the cytosolic 

side of REEP5, thereby creating packing surfaces on either side of the membrane. To this end, I 

sought to develop an assay that could be used to test whether two nanobodies could 

simultaneously bind to REEP5.  

 I designed the assay as follows: detergent solubilized REEP5 protein containing an SBP 

tag is incubated with both fluorescently labeled streptavidin and a fluorescently labeled 

nanobody. The labeled streptavidin protein should bind to the SBP tag while the single labeled 

nanobody should bind to its specific binding site on REEP5. This REEP5-labeled streptavidin-

labeled nanobody complex is then incubated with yeast cells expressing one species of nanobody 

that is also known to bind REEP5. If the two nanobodies are able to bind simultaneously, then 

yeast cells should stained by both the labeled streptavidin and the soluble, labeled nanobody. If 

the two nanobodies cannot bind simultaneously, then the yeast cells should be either stained with 

the labeled streptavidin or not stained at all, depending on the kinetics of nanobody exchange and 

the relative binding affinities of the soluble and yeast bound nanobodies.   

 Informed by the results of the expression and solution-binding tests, I selected NB.C5.2 

as the first nanobody to label and test. NB.C5.2 was both highly expressed, making production of 

protein for labeling easy, and bound to T. thermophila REEP5 with high affinity. To label 

NB.C5.2, I incubated the purified protein with an N-Hydroxysuccinimide (NHS) conjugated 

Alexa 647 fluorophore that can label at the four lysine residues present in the nanobody. After 



	   73	  

incubation, I quenched and removed any free dye using standard chromatographic techniques. 

Subsequent SDS-PAGE analysis revealed only a small amount of unreacted free dye was present 

in the sample.  

 To test for co-binding, I prepared two separate aliquots of REEP5. One aliquot was 

incubated with PE-streptavidin alone (REEP5-StrepPE) while the other aliquot was incubated 

with PE-streptavidin and 20 x molar excess of 647-labeled NB.C5.2 (REEP5-StrepPE-NBC5647). 

Aliquots of S. cerevisiae cells expressing one of each of the eight nanobodies that displayed 

appreciable binding to T. thermophila REEP5 during SEC were incubated either with REEP5-

StrepPE and an Alexa 647-labeled ant-HA antibody or with REEP5-StrepPE-NBC5647. The cells 

were then washed and analyzed using flow cytometry.   

 For each of the eight different yeast strains, the cells incubated with REEP5-StrepPE and 

the Alexa 647-labeled anti-HA antibody displayed strong co-staining for both REEP5-StrepPE 

and the HA antibody, indicating strong expression of the nanobody and tight binding of REEP5 

(Figure 3.28). These results confirm the results of the solution binding experiments.  

 If the assay does work as designed, pre-bound, soluble NB.C5.2647 should bind to REEP5 

with high affinity and occlude the binding of the NB.C5.2 expressed on the surface of the yeast. 

This was indeed what I observed. In the case of the yeast strain expressing NB.C5.2, cells that 

were incubated with the REEP5-StrepPE-NBC5647 complex displayed little to no staining for 

REEP5-StrepPE or for NB.C5.2647 (Figure 3.29B). A similar result was obtained with yeast cells 

expressing NB.C9.2 and NB.E6.2 (Figures 3.29C,E), indicating that these nanobodies are not 

able to co-bind with NB.C5.2 to REEP5. Conversely, yeast cells expressing NB.C2.2, NB.E5.2, 

NB.E7.2, NB.F5.2, and NB.G6.2 showed a strong staining for REEP5-StrepPE, and, in the case of 

the cells most strongly stained by REEP5-StrepPE, also displayed staining for NB.C5.2647 
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(Figures 3.29A,D, F-H). These preliminary results indicate that these nanobodies are able to co-

bind with NB.C5.2 to T. thermophila REEP5 and could be used in combination with NB.C5.2 

during crystallographic trials.  

 

  

	  
Figure 3.28 Fluorescent flow cytometry results for nanobodies that bind to T. thermophila REEP5 with 
high affinity in solution 
Yeast cells expressing A) NB.C2.2, B) NB.C5.2, C) NB.C9.2, D) NB.E5.2, E) NB.E6.2, F) NB.E7.2, G) 
NB.F5.2, and H) NB.G6.2 with stained with an Alexa 647-labeled anti-HA antibody (anti-HA647) and T. 
thermophila REEP5-SBP stained with PE-labeled streptavidin (PE-strep). Cells were subsequently analyzed 
using fluorescent flow cytometry. During staining, a final concentration of 0.5 µM REEP5 was used.  
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Figure 3.29 Testing co-binding of T. thermophila-specific nanobodies 
Yeast cells expressing A) NB.C2.2, B) NB.C5.2, C) NB.C9.2, D) NB.E5.2, E) NB.E6.2, F) NB.E7.2, G) 
NB.F5.2, and H) NB.G6.2 were stained with T. thermophila REEP5 that was pre-stained with PE-labeled 
streptavidin (PE-strep) and pre-bound to soluble, Alexa 647-labeled NB.C5.2 (NB.C5.2647). 
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3.4 Discussion 

Understanding how the reticulon and Yop1/REEP5 proteins stabilize curvature at a 

molecular level remains one of the most vexing and important questions in the field of ER 

morphology. The results presented in this chapter represent important initial steps toward 

obtaining a high-resolution structure of a curvature-stabilizing protein of the tubular ER network. 

REEP5, along with the other members of the reticulon and Yop1/REEP families, are inherently 

difficult structural targets. The small size of these proteins lends them to analysis via x-ray 

crystallography, yet their lack of extensive hydrophilic surfaces makes the formation of crystals 

much more difficult. In this chapter I have presented and applied several new membrane protein 

crystallography strategies to the study of REEP5.  

Most notably, I was able to isolate a large number of nanobodies that bind with high 

affinity to REEP5 constructs derived from a variety of different species including Xenopus 

laevis, Thielavia terrestris, and Thermothelomyces thermophila. The thermophilic REEP5 

constructs displayed highly favorable purification behavior, indicating that these proteins may 

prove useful in a variety of different in vitro experiments in the future.  

For X. laevis REEP5, I isolated two nanobodies, NB02 and NB05, which bound with high 

affinity to REEP5. I performed large-scale purification of both NB02-REEP5 and NB05-REEP5 

complexes and obtained amounts suitable for crystallization trials. Although extensive LCP and 

vapor diffusion crystallization trials of these two complexes proved unsuccessful, there are still 

many different strategies that could be used to try to obtain crystals of the complexes. This 

includes reconstituting the complexes into different lipids for LCP, such as lipids with different 

acyl-chain characteristics and lipid mixtures with additives such as cholesterol (Ishchenko et al., 

2017). Modifying the lipid composition has proved important in the crystallization of other 
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membrane proteins. Furthermore, crystallization trials using lipidic bicelles can be performed. 

Lipidic bicelles are lipid filled discs usually composed of two different types of lipids—one that 

forms a bilayer in the middle of the disc and one that assembles into a monolayer-like structure 

on the edge of the bilayer (Ishchenko et al., 2017).  

Needless to say, initial crystallization trials should be performed with the nanobodies 

isolated against the thermophilic REEP5 proteins. I was able to obtain several, high affinity 

nanobodies for both T. terrestris and T. thermophila using the lessons learned from isolating 

nanobodies using X. laevis REEP5. Thus, there are a large number of possible nanobody-REEP5 

complexes to test in crystallization trials.  In addition, I also developed an assay to test for pairs 

of nanobodies that can simultaneously bind to REEP5. Using this assay, I identified nanobodies 

that could co-bind with NB.C5.2 to REEP5. The remaining nanobodies can be labeled and tested 

using this assay to generate a comprehensive list of the possible dual nanobody-REEP5 

complexes to use in crystallization trials.  

 Moving beyond just crystallography, the isolated nanobodies could also prove useful as 

reagents in other types of experiments. For example, the nanobodies that bind to X. laevis REEP5 

can be tested in a X. laevis egg extracts to determine if the nanobodies can inactivate REEP5 and 

disrupt network formation and maintenance. Labeled nanobodies could also be used to probe the 

specific location and mobility of REEP5 within the X. laevis ER networks.  

3.5 Materials and Methods 

3.5.1 Cloning of expression constructs  

X. laevis REEP5-HIS10 was generated by cloning X. laevis REEP5 (NM_001096221.1)  

into the NdeI and XhoI restriction sites of a modified pET21b vector that included a C-terminal 

3C protease site followed by a HIS10 tag. 
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X. laevis REEP5-SBP was generated by cloning X. laevis REEP5 (NM_001096221.1) 

into the NdeI and XhoI restriction sites of a modified pET21b vector that included a C-terminal 

TEV protease site followed by a SBP tag 

(MDEKTTGWRGGHVVEGLAGELEQLRARLEHHPQGQREP).  

T. terrestris REEP5-SBP, T. thermophila REEP5-SBP were generated by cloning T. 

terrestris REEP5 ( XM_003649133.1, codon optimized for E. coli expression) and T. 

thermophila REEP5 (XM_003661605.1, codon optimized for E. coli expression) into the NdeI 

and XhoI restriction sites of a modified pET21b vector that included a C-terminal 3C protease 

site followed by a SBP tag.  

T. terrestris REEP5-FLAG and T. thermophila REEP5-FLAG expression constructs were 

generated by cloning T. terrestris REEP5 ( XM_003649133.1, codon optimized for E. coli 

expression) and T. thermophila REEP5 (XM_003661605.1, codon optimized for E. coli 

expression) into the NdeI and XhoI restriction sites of a modified pET21b vector that included a 

C-terminal 3C protease site followed by a FLAG tag (DYKDDDD).  

Nanobody expression constructs for periplasmic expression in E. coli were generated by 

cloning isolated nanobodies into the NcoI and XhoI sites of a pET26b vector that included an N-

terminal signal sequence and a C-terminal His6tag. The isolated nanobodies were amplified from 

the genomic DNA of sorted yeast cells (see below). 

3.5.2 Purification of REEP5 proteins 

X. laevis REEP5-HIS10, X. laevis REEP5-SBP, T. terrestris REEP5-SBP, T. terrestris 

REEP5-FLAG, T. thermophila REEP5-SBP, and T. thermophila REEP5-FLAG were expressed 

in E. coli BL21-CodonPlus (DE3)-RIPL (Agilent). Expression was induced at OD600 ~ 0.6-1.0 

with 250 µM isopropyl-β-D-thiogalactopyranoside (IPTG) at 16 °C for 16-18 hrs.  
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Cells were lysed through high-pressure homogenization in an Emulsiflex C3 (Avestin) in a 

buffer containing 20 mM Tris pH 7.5, 300 mM NaCl, 1mM phenylmethylsulfonyl fluoride 

(PMSF), and protease inhibitors. In the case of X. laevis REEP5-HIS10, the lysis buffer was 

supplemented with 20 mM imidazole. The lysate was centrifuged at 20,000 x g for 20 minutes to 

clear cellular debris and unbroken cells and then at 100,000 x g for 1 hr to sediment 

the membranes. Membranes were washed once with lysis buffer and then solubilized in lysis 

buffer containing either 1% n-dodecyl-β-maltoside (DDM) or Lauryl Maltose Neopentyl Glycol 

(LMNG) for 1-2 hrs at 4 °C. Insoluble material was removed by centrifugation at 100,000 x g for 

1 hr and the resulting supernatant was incubated with either Ni-NTA resin (Qiagen) in the case 

of X. laevis REEP5-HIS10, streptavidin agarose resin (Thermo Fisher) in the case of X. laevis 

REEP5-SBP, T. terrestris REEP5-SBP, and T. thermophila REEP5-SBP, or anti-FLAG M2 

affinity gel (Sigma Aldrich) in the case of T. terrestris REEP5-FLAG and T. thermophila 

REEP5-FLAG. The affinity resin was washed with 2.5 CV of lysis buffer, 2.5 CV of ATP-wash 

buffer (20 mM Tris pH 7.5, 200 mM NaCl, 100 mM KCl, 2 mM MgCl2, and 2 mM ATP) to 

remove any bound chaperones, and 2.5 CV of lysis buffer to remove excess nucleotide. Proteins 

were eluted from the affinity resin by on-column cleavage of the affinity tags using the 

appropriate protease. 3C protease was used to cut off all tags except in the case of X. laevis 

REEP5-HIS10, for which TEV protease was used. In the cases where the affinity tag was to be 

kept attached to the protein (for example, for nanobody isolation), the REEP5 protein was eluted 

using a competitive ligand. X. laevis REEP5-HIS10 was eluted using lysis buffer supplemented 

with 250 mM imidazole. T. terrestris REEP5-SBP and T. thermophile REEP5-SBP were eluted 

using holding buffer (20 mM HEPES 7.5, 150 mM KCl) supplemented with 2 mM biotin. T. 

terrestris REEP5-FLAG and T. thermophila REEP5-FLAG were eluted using holding buffer 
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supplemented with 0.2 mg/ml poly FLAG-peptide (DYKDDDDK repeated 3 times; Bimake). 

Proteins were further purified by size-exclusion chromatography on a Superdex200 column (GE 

Healthcare) and concentrated by ultrafiltration using a 100,000 MWCO filter (Amicon Ultra, 

EMD Millipore). Absorbance at 280 nm was used to determine concentrations of the all the 

purified REEP5 proteins. REEP5 proteins were frozen in small aliquots for storage at -80° C. 

3.5.3 Text Expression of Nanobodies 

 All nanobodies were expressed in E. coli BL21-CodonPlus (DE3)-RIPL (Agilent). For 

test expressions, 200 ml of cell culture was used. Expression was induced at OD600 ~ 0.6-1.0 

with 750 µM isopropyl-β-D-thiogalactopyranoside (IPTG) at 25° C for 16-18 hrs. Cells were 

pelleted and resuspended in 15 ml of sucrose buffer (0.5 M sucrose, 0.2 M Tris pH 8, 0.5 mM 

EDTA). After a 1 hour incubation at 4° C, the cells were osmotically shocked to release 

periplasmic nanobodies by the addition of 30 ml of H2O. The solution was incubated with 

stirring for 1 hour at 4° C, after which various salts were added to final concentrations of 150 

mM NaCl, 2 mM MgCl2, and 20 mM imidazole. Cellular debris was pelleted by centrifugation 

at 20,000 x g for 20 minutes at 4° C. The supernatant was then incubated with 0.5 ml of Ni2+-

NTA resin (Qiagen) in batch for 1-2 hrs at 4° C. After incubation, the resin was washed 

extensively with high salt buffer (20 mM HEPES pH 7.5, 500 mM NaCl, 20 mM imidazole), 

followed by low salt buffer (20 mM HEPES pH7.5, 100 mM NaCl, 20 mM imidazole). Finally, 

the nanobodies were eluted using a high imidazole buffer (20 mM HEPES pH7.5, 100 mM NaCl, 

400 mM imidazole). The nanobodies were concentrated by ultrafiltration using a 10,000 MW 

cut-off filter (Amicon Ultra, EMD Millipore) and purity was assessed using SDS-PAGE. The 

nanobodies were frozen in small aliquots for storage at -80° C. 
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3.5.4 Labeling of X. laevis REEP5 

Purified X. laevis REEP5 was mixed with either Alexa Fluor 647 NHS ester dye (Thermo 

Fisher Scientific) or Fluorescein isothiocyanate NHS ester dye (Thermo Fisher Scientific) at a 

1:20, protein:dye molar ratio and incubated at room temperature for 1 hr. The labeling reaction 

was quenched by addition of 100 mM Tris pH 8.0. After an incubation of 1 hr at 4 °C, excess 

dye was removed by passing the sample over Sephadex G-50 resin (GE healthcare). The labeled 

protein was collected and concentrated by ultrafiltration using a 100,000 MW cut-off filter 

(Amicon Ultra, EMD Millipore). Protein concentration and labeling efficiency was calculated by 

comparing the absorbance of the protein at 280 nm and the absorbance of the dye using the pre-

configured "Proteins & Labels" function on a Nano Drop 2000c Spectrophotometer (Thermo 

Scientific). 

3.5.5 Labeling of NB.C5.2 

 To obtain NB.C5.2 for labeling, the nanobody was purified using the same protocol as 

the test expression except that 2 liters of cell culture were harvested to increase the final amount 

of nanobody obtained. To release the nanobodies from the periplasm, the cell pellets were 

resuspended in 75 ml of sucrose buffer and 150 ml of H2O was added after incubation. 

Following elution from the Ni2+-NTA resin, the protein was concentrated and further purified by 

SEC using a Superdex200 column and a buffer containing 20 mM HEPES pH 7.5 and 150 mM 

KCl. Following SEC, the protein was concentrated and frozen in small aliquots for storage at -

80° C.  

 For labeling, 0.5 mg of purified NB.C5.2 was thawed and incubated with a three molar 

excess of N-Hydroxysuccinimide (NHS) conjugated Alexa 647 fluorophore (Thermo Fisher 

Scientific) at room temperature for 1 hour. The reaction was then quenched by the addition of 
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TRIS pH 8.0 to a final concentration of 100 mM. Excess dye was removed by passing the sample 

over Sephadex G-50 resin (GE healthcare). The labeled protein was collected and concentrated 

by ultrafiltration using a 10,000 MW cut-off filter (Amicon Ultra, EMD Millipore). The final 

protein sample was analyzed by SDS-PAGE, using an Amersham Imager 600RGB (GE 

Healthcare Life Sciences) to visualize labeled protein and free dye. The protein concentration 

was measured using the pre-configured "Proteins & Labels" function on a Nano Drop 2000c 

Spectrophotometer (Thermo Scientific). 

3.5.6 Crystallography   

 To purify the NB02-Xenopus REEP5 and NB05-Xenopus REEP5 complexes for 

crystallography, the nanobodies were purified from E. coli as described above. X. laevis REEP5-

SBP was also purified as described above with tag cleavage, but prior to SEC, REEP5 was mixed 

with a 5 molar excess of either NB02 or NB05. The complexes were purified by SEC on a 

Superdex200 column to remove excess free nanobody and concentrated to ~40 mg/ml by 

ultrafiltration using a 10,000 MW cut-off filter (Amicon Ultra, EMD Millipore). 

 For LCP crystallization trials, purified protein was reconstituted into LCP by mixing the 

protein solution with monoolein (Sigma Aldrich) at a ratio of 1.5:1.0 by mass using the coupled 

syringe reconstitution method. Samples were mixed at least 100 times to ensure homogeneity of 

the reconstitution. The resulting phase was dispensed in 50 nl drops onto a glass plate and 

overlaid with 500 nl of precipitant solution using a Gryphon LCP robot (Art Robbins 

Instruments). For vapor diffusion experiments, hanging drop crystallization trials were set up 

using a mosquito crystal robot (ttplabtech) in which 100 nl of protein solution was mixed with 

100 nl of precipitant solution over a reservoir of 50 ul of precipitant solution.  

 



	   83	  

3.5.7 Isolation of Nanobodies from yeast library 

 Isolation of nanobodies was performed as previously described (McMahon et al., 2017) 

with some modifications. Magnetic beads, LD and LS columns, and MACS magnet were all 

purchased from Miltenyi Biotec. Labeled anti-HA antibodies and labeled streptavidin was 

purchased from BioLegend. 

MACS selections were performed as follows: The desired number of yeast cells were 

collected from culture (10-fold over estimated library diversity, never less than 1 x 107 cells), 

pelleted, and washed with selection buffer (20 mM HEPES pH 7.5, 150 mM NaCl, 0.1% bovine 

serum albumin, 5 mM maltose and either 0.1% DDM or 0.1% LMNG depending on the 

detergent used to purify the target protein). To remove any yeast cells expressing nanobodies that 

bind to the magnetic beads, the yeast cells were resuspended in 4.5 ml of selection buffer and 0.5 

ml of magnetic beads that bind to the fluorophore or tag attached to the target protein were added 

to the suspension. After incubation for 40 minutes at 4° C, the cells were washed and 

resuspended in 5 ml of selection buffer. The cells were then flowed through a pre-equilibrated 

LD column on a MACS magnet to remove any yeast cells bound to the magnetic beads. The cells 

in the flow-through were collected, washed, and resuspended in 5 ml of selection buffer. The 

target protein was then added to the cells at the desired concentration and incubated for 1 hour at 

4° C. The cells were then washed with selection buffer, resuspended in 4.5 ml of selection 

buffer, and incubated with 0.5 ml of magnetic beads for 20 minutes at 4° C. After incubation, the 

cells were washed, resuspended in 3 ml of selection buffer, and flowed through a pre-

equilibrated LS column on a MACS magnet. The column was washed while on the MACS 

magnet with selection buffer. The column was then removed from the MACS magnet and the 
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captured yeast cells eluted using selection buffer. These cells were collected, pelleted, 

resuspended in media, and grown at 30° C for recovery.  

FACS selections were performed as follows:  For samples to be used in selection, 6 x 107 

cells were collected, pelleted, and washed with selection buffer supplemented with the 

appropriate detergent. For compensation samples, 1 x 107 cells were collected, pelleted, and 

washed with selection buffer. The selection samples were resuspended in 6 ml of selection buffer 

and the compensation samples were resuspended in 1 ml of selection buffer. Labeled target 

proteins and/or antibodies were then added to the samples to the desired concentration. After 

incubation for 1 hr at 4° C, the selection and compensation samples were washed and 

resuspended in 3 ml and 0.5 ml of selection buffer respectively. The FACS was performed using 

a Sony SH800Z cell sorter. The compensation samples were used along with the built-in 

compensation wizard to generate a compensation matrix prior to cell sorting. Cells were 

collected in either 15 ml falcon tubes or 96-well plates depending on the experiment.  

For isolation of nanobodies against X. laevis REEP5, the following selections were 

performed: 

1) 1st round of MACS: 1 µM REEP5LMNG-FITC 

2) 2nd round of MACS: 0.5 µM REEP5-647 

3) 3rd round of MACS: 0.1 µM REEP5-SBP 

4) 1st round of FACS: yeast cells were stained with 0.01 µM REEP5LMNG -SBP pre-bound to 

PE-streptavidin, FITC-labeled anti-HA antibody, and 0.75 µM Alexa 647-labeled 

cytosolic fragment of Atlastin. Yeast cells were selected for high HA, high REEP5, and 

low 647-Atlastin staining and bulk sorted into a 15 ml falcon tube. 
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5)  2nd round of FACs: yeast cells were stained with 0.01 µM REEP5LMNG -SBP pre-bound 

to PE-streptavidin and FITC-labeled anti-HA antibody. Yeast cells were selected for high 

HA and high REEP5 staining. Individual cells were sorted into 96 well plates. 

For isolation of nanobodies against T. terrestris REEP5 and T. thermophila REEP5, the 

following selections were performed: 

1) 1st round of MACS: 1 µM SBP-tagged constructs 

2) 2nd round of MACS: 1 µM FLAG-tagged constructs 

3) 1st round of FACS: yeast cells were stained with 0.5 µM SBP-tagged constructs pre-

bound to PE-streptavidin and Alexa 647-labeled HA antibody. Yeast cells were selected 

for high HA and high REEP5 staining and bulk sorted into a 15 ml falcon tube 

4) 2nd round of FACS: yeast cells were stained with 0.1 µM SBP-tagged constructs pre-

bound to PE-streptavidin and Alexa 647-labeled HA antibody. Yeast cells were selected 

for high HA and high REEP5 staining. Individual cells were sorted into 96 well plates. 

Following sorting into 96 well plates, unique nanobody sequences were screened for by 

colony PCR. From liquid culture, 3 x 106 cells were collected, washed, and resuspended in 30 µl 

of 0.2% SDS. The samples were vortexed and heated at 90° C for 4 minutes. Cellular debris was 

removed by centrifugation and 0.5-2 µl of the sample was used in a 50 µl, standard PCR 

reaction.  

 Analytical fluorescent flow cytometry was performed using a BD Accuri C6 Plus (BD 

Biosciences). For each experiment, 1 x 106 cells were stained.  
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4 
Concluding discussion 

 
 

Organelles display characteristic shapes that are intimately tied to their cellular function. 

Thus, the question as to how organelle morphology is generated and maintained is a fundamental 

question in cell biology. The endoplasmic reticulum (ER) is a particularly powerful model 

system for studying organelle morphology, as the ER is composed of a continuous, 

interconnected network of tubules and sheets. While previous studies have demonstrated that the 

tubular ER is primarily shaped by the curvature-stabilizing activity of the reticulon and 

Yop1/REEP proteins (Hu et al., 2008; Voeltz et al., 2006) and the membrane fusing activity of 

the atlastin/Sey1 proteins (Anwar et al., 2012; Hu et al., 2009; Orso et al., 2009), how these 

proteins cooperate to give rise to the tubular ER network was unclear. Furthermore, not only had 

the minimal set of components needed to form and maintain a tubular ER network not been 

identified, it was unclear whether these components would allow for the ER dynamics observed 

in vivo. In this chapter I will summarize the novel and exciting insights that my thesis has 
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provided into how ER morphology is generated, and how these insights may be extendable to 

other organelle morphologies. I will also review the progress that I have made towards obtaining 

a structure of a curvature-stabilizing protein and suggest future experiments that leverage the 

tools that I have developed.  

4.1 Reconstitution of the tubular ER network using a minimal set of proteins  

In Chapter 2, I demonstrated that the tubular ER can be reconstituted using a minimal set 

of proteins consisting of a curvature-stabilizing protein and a membrane-fusing protein. When S. 

cerevisiae Yop1p and S. cerevisiae Sey1p were co-reconstituted into liposomes, the addition of 

GTP resulted in the formation of tubular networks that were nearly indistinguishable from those 

formed by the extracts of Xenopus laevis eggs. Network formation required the presence of both 

proteins, and both proteins were found distributed across the entire network. While this is in 

contradiction to some previous results that indicate that Sey1p is typically located at three-way 

junctions (Yan et al., 2015), the high protein concentration used in the reconstitution could force 

Sey1p to localize throughout the network. Furthermore, some atlastin proteins have been shown 

to localize throughout the entire ER network, not just at three-way junctions (Wang et al., 2016).  

Atlastin had been previously shown to tether liposomes together (Liu et al., 2015; Saini et 

al., 2014). However, closer inspection of the reconstituted network by electron microscopy (EM) 

revealed that the networks were composed of fused junctions. Unfortunately the networks 

visualized by EM were much smaller than the networks observed using light microscopy, 

possibly due to the harsh conditions of staining. Future experiments could include using cryo-

electron microscopy to analyze the reconstituted network, as the freezing procedure may 

preserve more of the network. Techniques such as tomography could then be used to more 

closely analyze the network architecture.  
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One of the most exciting observations was that the integrity of the reconstituted network 

was dependent upon continuous GTP hydrolysis by Sey1p. The addition of GTPγS lead to rapid 

disassembly of the network. This result is consistent with prior in vitro and in vivo experiments 

that show that inactivation of atlastin results in ER fragmentation in both Xenopus laevis egg 

extracts and in tissue culture cells (Wang et al., 2016). 

Finally, I showed that the reconstituted tubular ER could also be formed using other 

purified curvature stabilizing proteins, including other members of the reticulon and Yop1/REEP 

families. This included proteins from other species, indicating that interaction between the 

curvature-stabilizing and the membrane-fusing proteins may not be necessary. Interestingly, 

Drosophila melanogaster atlastin formed tubular ER networks when reconstituted alone, 

demonstrating that in addition to its membrane-fusion activity, its hairpin transmembrane domain 

has an intrinsic ability to promote membrane curvature. 

4.2 Model of tubular ER network formation and disassembly 

Based on my results I construct the following model for the generation and maintenance 

of the ER tubular network. Small vesicles containing both a membrane-fusing protein and a 

curvature-stabilizing protein are fused together in a GTP hydrolysis-dependent manner to yield 

small tubules. As fusion continues, a larger network of interconnected tubules is formed, giving 

rise to the stereotypical polygonal ER network. However, due to the stress induced on the 

membrane by the curvature-stabilizing proteins, the tubules within the network are susceptible to 

fragmentation. This fragmentation is counteracted by the continuous activity of the membrane-

fusing proteins, which can rapidly repair any breaks in the network. Upon inactivation of the 

membrane-fusing protein, the curvature-stabilizing proteins proceed to fragment the network, 

first into smaller tubules, and finally into small vesicles and/or stable, small "proto-networks". 
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Thus, the coordinated activity of the two proteins not only causes the tubular ER to assume its 

characteristic shape, but also allows the network to be highly dynamic. 

 The fact that inactivation of Sey1p leads to rapid fragmentation of the reconstituted 

network suggests that the reticulon and Yop1/REEP proteins may have a preference for the high 

curvature of small vesicles. Furthermore, the small size of the vesicles may indicate that these 

proteins mainly generate curvature by hydrophobic insertion (Hu et al., 2008, 2011) or through 

their C-terminal amphipathic helices (Brady et al., 2015; Breeze et al., 2016). Oligomerization of 

the proteins may occur at higher concentrations, explaining why both tubules and small vesicles 

can be visualized using EM with reconstituted yeast Yop1p or Rtn1p, and why oligomerization 

mutants are defective in tubule formation (Park et al., 2010; Shibata et al., 2008).  

I speculate that both the continuous formation and disassembly of the ER network and the 

dynamics of tubular junctions may allow the rapid adaptation of ER shape to different 

conditions. For example, it may contribute to the conversion of tubules to sheets during the cell 

cycle (Friedman and Voeltz, 2011; Westrate et al., 2015) and may explain changes of ER 

morphology during cell differentiation (Park and Blackstone, 2010). The intrinsic dynamics of 

the ER network is likely further affected by other factors, including molecular motors, ribosome 

binding, and other morphogenic proteins. I propose that other organelles are shaped by similar 

principles as the ER, and represent a steady state between formation and disassembly that is 

mediated by a small set of proteins.    

4.3 Physiological significance of the reconstituted ER network 

The importance of the both the curvature-stabilizing and membrane-fusing proteins in 

tubular ER formation is underscored by the fact that mutations in many of these proteins cause 

the genetic neurological disease heredity spastic paraplegia (HSP) (Blackstone, 2018; 



	   90	  

McCorquodale et al., 2011; Park and Blackstone, 2010). HSP is characterized by progressive 

lower limb-spasticity and weakness. This weakness appears to be due to axonal degeneration 

within motor neurons (Blackstone, 2018). Amongst the most commonly mutated genes in HSP 

patients are ATL1 and REEP1, indicating that loss of the integrity of the tubular ER network in 

neurons may be an underlying cause of HSP. ATL1 is ubiquitously expressed, but is particularly 

enriched in brain tissue (Rismanchi et al., 2008; Zhu et al., 2003). The loss of ATL1 in cultured 

cortical neurons resulted in an axonal elongation defect (Zhu et al., 2006).  This is consistent 

with my observation that the reconstituted network requires continuous GTP hydrolysis to 

maintain integrity.  

Likewise, cortical neurons derived from REEP1 knockout mice show defects in the 

tubular ER (Beetz et al., 2013). The reconstituted network, like previous reconstitutions, required 

a relatively high concentration of the curvature-stabilizing proteins. The result is that the tubules 

in the reconstituted systems display a diameter of ~16 nm, which is significantly smaller than the 

~60 nm often observed in tissue culture cells. However, a recent study using serial section 

electron microscopy has demonstrated that the tubular ER found in neurons is extremely thin, 

with tubules that have a diameter of 20-30 nm (Terasaki, 2018). Thus, the reconstituted network, 

with its apparently very thin tubules, may actually be a closer approximation to the axonal 

tubular ER than was first appreciated. It would be interesting to try to reconstitute some of the 

HSP-causing mutants, particularly the REEP1 mutants, to see what effect they have on the 

formation, integrity, and dynamics of the reconstituted network.  

4.4 Future uses of the reconstituted ER network  

 The reconstituted network will also prove a valuable tool to test the activity of other 

proteins that are thought to shape the ER. First of all, it would be interesting to try to purify and 
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co-reconstitute proteins that are thought to promote the formation of ER sheets, like CLIMP-63, 

with Yop1p and Sey1p. One could test if CLIMP-63 is indeed sufficient to promote sheet 

formation. Furthermore, one could analyze protein localization and see if the curvature-

stabilizing proteins do indeed localize to the edges of sheets and whether there is any other type 

of segregation between the three different protein classes.  

 One particularly enigmatic protein that could be studied using the reconstituted network 

is the protein called Lunapark. Lunapark is an ER-localized membrane protein that is present in 

all eukaryotic cells. Lunapark has been shown to localize to three-way junctions and was 

originally proposed to stabilize these junctions, thereby stabilizing the entire tubular network 

(Chen et al., 2012, 2015; Wang et al., 2016). Clearly, Lunapark is not required for network 

formation, but its exact function remains a mystery. Most recently, it was shown that the in vitro 

reconstitution of Lunapark into vesicles results in the formation of stacked bilayer discs (Wang et 

al., 2018). The incorporation of Lunapark and previously studied Lunapark mutants into the 

reconstituted network may begin to offer further insights into the function of the protein. 

4.5 Initial progress towards the structure of a Yop1/REEP protein 

Exactly how the reticulon and Yop1/REEP proteins stabilize positive membrane 

curvature on the molecular level is one of the most important, yet seemingly most difficult 

questions to answer, in the field of ER morphology. In Chapter 3, I presented a number of initial 

steps I took towards obtaining an atomic-resolution structural model of a curvature-stabilizing 

protein using x-ray crystallography. I chose Xenopus laevis REEP5 as my crystallization target 

as I was able to easily purify a large amount of the protein while performing my reconstitution 

experiments. I refined the X. laevis REEP5 purification protocol and determined that the protein 

could be efficiently solubilized and purified using LMNG, a detergent that is useful for lipidic 
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cubic phase (LCP) crystallization experiments. Given that REEP5 lacks any extensive 

hydrophilic surfaces for crystal packing, I used an in vitro yeast display system (McMahon et al., 

2018) to isolate two nanobodies that bind to X. laevis REEP5 with high affinity for use as 

crystallization chaperones. I used both nanobodies in co-crystallization experiments with REEP5. 

I performed large scale screening for crystals using both LCP crystallization techniques and 

standard vapor diffusion methods.  

While my preliminary experiments failed to yield crystals, there are a seemingly endless 

number of strategies that could be pursued to obtain initial crystals of the nanobody-Xenopus 

REEP5 complex. This includes reconstituting the complexes into different lipid compositions for 

LCP crystallization experiments. Modulating the lipid composition, particularly the length of the 

MAG and the presence of certain lipid additives, has proved indispensible for the crystallization 

of other membrane proteins (Ishchenko et al., 2017; Li et al., 2011). Furthermore, other 

membrane protein crystallization techniques could be pursued, including bicelle-mediated 

crystallization (Ishchenko et al., 2017).  

In addition to attempting to crystallize X. laevis REEP5, I also cloned and purified 

REEP5 proteins derived from the thermophilic yeasts Thielavia terrestris and Thermothelomyces 

thermophila. Thermophilic proteins have proved a useful tool in crystallography, and both T. 

terrestris and T. thermophila REEP5 displayed superior behavior during protein purification. 

Using the lessons I learned working with X. laevis REEP5, I isolated a large number of 

nanobodies that bound with high affinity to T. terrestris REEP5 and T. thermophila REEP5. 

These nanobodies can be used in future crystallization experiments. Given the number of 

nanobodies I was able to isolate, I hope that I have sufficiently increased the probability of 

obtaining initial crystal hits that can be refined for structure determination.  
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I also developed an assay to test if two different nanobodies can bind to their target 

protein simultaneously. I used this assay to demonstrate that several of the T. thermophila 

REEP5-specific nanobodies can in fact co-bind to REEP5. These pairs of nanobodies can be 

used simultaneously in future experiments should crystallization with a single nanobody fail to 

yield high quality crystals. To increase the throughput of this assay, instead of labeling the 

soluble nanobody with an NHS-conjugated fluorophore, nanobodies with a genetically encoded, 

high affinity protein tag could be cloned, expressed, and purified. The soluble nanobody could 

then be labeled using commercially available, fluorescently labeled reagents that bind to that 

specific tag. For example, nanobodies with FLAG-tags could be labeled with a fluorescently 

conjugated anti-FLAG antibody. This is analogous to how I labeled the REEP5-SBP constructs 

using Phycoerythrin-labeled streptavidin. This would dramatically increase throughput and also 

remove the concern of free dye obscuring the experimental results. The assay could then be used 

to rapidly determine all of the pairs of nanobodies that can co-bind to REEP5 so that more 

crystallization experiments can be designed and tested.  

4.6 Beyond a REEP5 structure: future experiments 

If a structure of REEP5 can be obtained, there are numerous follow-up experiments that 

could be pursued to better understand how the protein stabilizes curvature. First, molecular 

dynamics simulations have been used to probe how certain proteins, including integral 

membrane proteins, are able to bend membranes (Davies et al., 2012; Hsin et al., 2009; Yu and 

Schulten, 2013). The structure of REEP5 could be used in conjugation with all-atom and coarse 

grain simulation to observe how REEP5 behaves within a lipid environment and how it may be 

able to shape the membrane. The structure of REEP5 could also be used to design mutants for 

use in further in vitro and in vivo experiments. This could include expressing, purifying, and 
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reconstituting these mutants to see if they are able to convert liposomes into tubules and to form 

a network in cooperation with a membrane-fusing protein. 

Furthermore, although this type of assay has not yet been used to study 

reticulon/Yop1/REEP proteins, I propose the curvature-stabilizing activity of these proteins may 

be tested by overexpressing the proteins in E. coli and then visualizing the cells' membranes. 

Such an approach has been used to study caveolin, the protein responsible for forming pits in the 

surface of eukaryotic cells known as caveolae (Walser et al., 2012). EM analysis revealed that 

caveolin overexpression in E. coli led to the formation of caveolin-containing cytoplasmic 

vesicles. These vesicles were formed through a membrane budding process, and mutants of 

caveolin that are unable to form caveolae in mammalian cells were not able to drive vesicle 

formation in E. coli. It is possible that the reticulon and Yop1/REEP proteins could generate 

enough positive curvature to deform the E. coli membrane, possibly forming tubules or vesicles. 

If so, this would provide a relatively high through-put assay to study different REEP5 mutants as 

one would only have to overexpress the protein in E. coli rather than purify and reconstitute it.  

4.7 Concluding thoughts 

The results I have presented in this thesis represent a major step towards an 

understanding of the molecular mechanisms underlying ER morphology. I have demonstrated 

that a minimal set of proteins consisting of a membrane-fusing protein and a curvature-

stabilizing protein can generate a dynamic tubular ER network. I have also generated a large set 

of tools for future crystallization experiments aimed at obtaining a structure of the curvature-

stabilizing protein REEP5.  

More broadly, my results demonstrate that organelle morphologies, such as the tubular 

network of the peripheral ER, can be generated using a surprisingly limited set of proteins. These 
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few proteins not only produce the general shape of a particular organelle, but can also account 

for seemingly complex morphological dynamics. In fact, the regulation of a single protein, Sey1p 

in the case of the reconstituted ER network, can cause drastic and rapid changes in morphology. 

The principles put forth by my model of ER morphology could be generalized to the study of 

other organelles, such as the nucleus and the golgi apparatus, both of which undergo significant 

remodeling during the cell cycle. 
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Figure A.1 Purity of ER-shaping proteins used in reconstitution experiments. 
The indicated proteins were purified and subjected to SDS-PAGE and Coomassie blue staining.  
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Figure A.2 Orientation of proteins after reconstitution into liposomes.  
A) D. melanogaster ATL was reconstituted into rhodamine-PE labeled liposomes at a protein:lipid ratio of 
1:1000. The vesicles were incubated with decreasing amounts of trypsin in the absence (left) or presence (right) 
of 0.2% Triton-X 100 for 30 min at room temperature. Samples were analyzed by SDS-PAGE and Coomassie 
blue staining. B) As in A, but with S. cerevisiae Sey1p at a protein:lipid ratio of 1:500. C) As in A, but with S. 
cerevisiae Yop1p at a protein:lipid ratio of 1:100. D) As in A, but with Sey1p and Yop1p at protein:lipid ratios 
of 1:500 and 1:100, respectively.  
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Figure A.3 Flotation of proteoliposomes generated with Sey1p and curvature-stabilizing proteins.  
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into rhodamine-PE labeled liposomes at protein:lipid 
ratios of 1:500 and 1:35, respectively. The samples were centrifuged in a Nycodenz gradient, and fractions (F1-
F6) were collected from the top and analyzed by SDS-PAGE and Coomassie blue staining. B) As in A, but 
with proteins only in the presence of 0.03% DDM. C) As in A, but with proteoliposomes containing S. 
cerevisiae Sey1p and Rtn1p at protein:lipid ratios of 1:500 and 1:50, respectively. D) As in C, but with proteins 
only in the presence of 0.03% DDM. E), As in A, but with proteoliposomes containing Sey1p and D. 
melanogaster Rtn1p at protein:lipid ratios of 1:500 and 1:50, respectively. F) As in E, but with proteins only in 
the presence of 0.03% DDM. G) As in A, but with proteoliposomes containing Sey1p and D. melanogaster 
CG8331 at protein:lipid ratios of 1:500 and 1:50, respectively. H) As in G, but with proteins only in the 
presence of 0.03% DDM. I), As in A, but with proteoliposomes containing Sey1p and X. laevis REEP5 at 
protein:lipid ratios of 1:500 and 1:200, respectively. J) As in I, but with proteins only in the presence of 0.03% 
DDM. K) As in A, but with proteoliposomes containing Sey1p and D. melanogaster ATLK51A at protein:lipid 
ratios of 1:500 and 1:100, respectively. L) As in K, but with proteins only in the presence of 0.03% DDM. M) 
As in A, but with proteoliposomes containing D. melanogaster ATL at protein:lipid ratios of 1:500 or 1:1000. 
N) As in A, but with proteoliposomes containing S. cerevisiae Sey1p at protein:lipid ratios of 1:500 or 1:1000.  
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Figure A.4 Fusion activity of Sey1p-containing proteoliposomes. 
A) Proteoliposomes were generated with either S. cerevisiae Sey1p alone (protein:lipid ratio of 1:500) or with 
Sey1p and S. cerevisiae Yop1p (protein:lipid ratios of 1:500 and 1:100, respectively). Donor vesicles contained 
NBD-PE and rhodamine-PE. Following addition of 1 mM GTP, fusion with unlabeled acceptor vesicles was 
measured by dequenching of the NBD fluorescence. Controls were performed in the absence of GTP. B) As in 
A, but with Sey1p and Yop1p at protein:lipid ratios of 1:1000 and 1:200, respectively. Each curve corresponds 
to the mean of three biological replicates. 
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Figure A.5 Reconstituted networks display heterogeneity. 
S. cerevisiae Sey1p and Yop1p were incorporated into rhodamine-PE labeled liposomes at protein:lipid ratios 
of 1:500 and 1:35, respectively. The proteoliposomes were incubated with 2 mM GTP, spotted on a cover slip, 
and imaged with a fluorescence microscope. Shown are different areas from the same coverslip. Note that the 
networks differ with respect to the density of three-way junctions and length of tubules. Scale bars = 20 µm. 
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Figure A.6 Control experiments for network formation. 
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into rhodamine-PE labeled liposomes at protein:lipid 
ratios of 1:500 and 1:35, respectively. The proteoliposomes were incubated with either 2 mM GTP or GTPγS 
and visualized by fluorescence microscopy. B) Proteoliposomes containing only S. cerevisiae Sey1p at a 
protein:lipid ratio of 1:500 were incubated in the absence of GTP. The same sample is shown incubated with 
GTP in Fig. 1d. C) As in B, but with proteoliposomes containing only S. cerevisiae Yop1p at a protein:lipid 
ratio of 1:35. The same sample is shown incubated with GTP in Fig. 1e. Scale bars = 20 µm. 
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Figure A.7 Network formation with different concentrations of Yop1p and Sey1p. 
A) S. cerevisiae Sey1p was co-reconstituted with S. cerevisiae Yop1p into rhodamine-PE labeled liposomes at 
protein:lipid ratios of 1:500 and 1:200, respectively (instead of the usual 1:500 and 1:35 ratios). The 
proteoliposomes were incubated with or without 2 mM GTP and visualized by fluorescence microscopy. B) As 
in A, but with protein:lipid ratios of 1:1000 and 1:200, respectively. Scale bars = 20 µm. 
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Extended Data Figure A.8 Tubular network formation with different lipid compositions. 
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into rhodamine-PE labeled liposomes at protein:lipid 
ratios of 1:500 and 1:35, respectively. The liposomes were generated with a polar lipid extract from E. coli. 
The proteoliposomes were incubated with or without 2 mM GTP and visualized with a fluorescence 
microscope. B) As in A, but with liposomes generated with a polar lipid extract from S. cerevisiae. Scale bars = 
20 µm. 
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Extended Data Figure A.9 Sey1p-containing networks visualized with negative-stain EM. 
A) S. cerevisiae Sey1p and Yop1p were co-reconstituted into liposomes at protein:lipid ratios of 1:1000 and 
1:200, respectively. The samples were incubated with 1 mM GTP and visualized by EM after staining with 
uranyl acetate. The boxed area of this network is shown enlarged in Fig. 3a. B) As in A, but with Sey1p and 
Yop1p at protein:lipid ratios of 1:7500 and 1:200, respectively. Black arrowheads indicate Sey1p molecules. C) 
As in B, showing another area (left). Boxed area is shown enlarged (right) with black arrowheads indicating 
Sey1p molecules and the dotted black line traces approximate plane of the lipid bilayer. D) As in A, but with 
Sey1p and D. melanogaster Rtnl1 at protein:lipid ratios of 1:500 and 1:50, respectively, in the absence or 
presence of 1 mM GTP. E) As in A, but with D. melanogaster ATL D. melanogaster Rtnl1 at protein:lipid 
ratios of 1:2500 and 1:200, respectively, in the absence or presence of 1 mM GTP. Scare bars = 100 nm. 
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Figure A.10 Network formation with different membrane-fusing and curvature-stabilizing proteins 
requires GTP hydrolysis. 
The samples shown in Figure 2.4 were incubated without GTP. Scale bars = 20 µm. 
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A.2 Legends for supplementary movies for Chapter 2 

Supplementary video 1. Dynamics of a reconstituted network.  

S. cerevisiae Sey1p and Yop1p were co-reconstituted into rhodamine-PE labeled liposomes at 

protein:lipid ratios of 1:500 and 1:35, respectively. The proteoliposomes were incubated in the 

presence of 2 mM GTP and visualized by fluorescence microscopy. The sample was imaged 

every 0.5 sec for 15 sec. The video is shown at 2 frames per sec. White arrows indicate sliding or 

fusing junctions that are shown in a magnified view in Fig. 1c. Cyan arrows indicate other 

sliding or fusing junctions. Frames from this video are shown in Fig 1c.  Scale bars = 20 µm. 

 

Supplementary video 2. Fragmentation of a reconstituted network after addition of GTPγS.  

S. cerevisiae Sey1p and Alexa647-labeled Yop1p were co-reconstituted into rhodamine-PE 

containing liposomes at protein:lipid ratios of 1:500 and 1:35, respectively. Network was formed 

by incubating proteoliposomes with 2 mM GTP. After addition of 1 mM GTPγS, the samples 

were analyzed by fluorescence microscopy. The sample was imaged every sec for 30 sec. The 

video is shown at 2 frames per sec and displays the Alexa647-labeled Yop1p. Cyan arrows 

indicate points of fragmentation. Frames from this video are shown in Fig 2b. Scale bars = 20 

µm. 
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